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Biomolecules on cell surfaces play critical roles in diverse biological and physiological 
processes. However, conventional bulk scale techniques are unable to clarify the density and 
distribution of specific biomolecules in situ on single, living cell surfaces at the micro or 
nanoscale. In this work, a single cell analysis technique based on Atomic Force Microscopy 
(AFM) is developed to spatially identify biomolecules and characterize nanomechanical 
properties on single cell surfaces. The unique advantage of these AFM-based techniques lies in 
viii 
 
the ability to operate in situ (in a non-destructive fashion) and in real time, under physiological 
conditions or controlled micro-environments.  
First, AFM-based force spectroscopy was developed to study the fundamental biophysics of the 
heparin/thrombin interaction at the molecular level. Based on force spectroscopy, a force 
recognition mapping strategy was developed and optimized to spatially detect single protein 
targets on non-biological surfaces. This platform was then translated to the study of complex 
living cell surfaces. Specific carbohydrate compositions and changes in their distribution, as well 
as elasticity change were obtained by monitoring Bacillus cells sporulation process. 
The AFM-based force mapping technique was applied to different cellular systems to develop a 
cell surface biomolecule library. Nanoscale imaging combined with carbohydrate mapping was 
used to evaluate inactivation methods and growth temperatures effects on Yersinia pestis surface. 
A strategy to image cells in real time was coupled with hydrophobicity mapping technique to 
monitor the effect of antimicrobials (antimicrobial polymer and copper) on Escherichia coli and 
study their killing mechanisms. The single spore hydrophobicity mapping was used to localize 
the exosporium structure and potentially reconstruct culture media. The descriptions of cell 
surface DNA on single human epithelial cells potentially form a novel tool for forensic 
identification. 
Overall, these nanoscale tools to detect and assess changes in cell behavior and function over 
time, either as a result of natural state changes or when perturbed, will further our understanding 
of fundamental biological processes and lead to novel, robust methods for the analysis of 
individual cells. Real time analysis of cells can be used for the development of lab-on-chip type 
assays for drug design and testing or to test the efficacy of antimicrobials.  
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CHAPTER 1 
INTRODUCTION 
 
 
1.1 Introduction 
 
Biomolecular interactions on cell surfaces play critical roles in diverse biological and 
physiological processes [1]. Typical cell surface biomolecules include membrane proteins, lipids, 
glycans and nucleic acids. As important cell surface biomarkers, understanding how they interact 
with their specific ligands, their presentation on different types and strains of cell surfaces, and 
changes in their distribution on cell surfaces during cellular activities or in response to various 
environments therefore provides a means to identify different cell types and strains, monitor 
specific cellular processes, as well as to reconstruct culture and environmental conditions. These 
studies also have broader implications in unraveling the molecular basis of relevant biological 
and pathological processes, and developing new tools for disease diagnosis/detection, study of 
mechanisms of drug action/drug screening, and forensic identification at a molecular and single 
cell level [2, 3].While cell surface biomolecular interactions are also typically studied using 
affinity chromatography, fluorescence, and surface plasmon resonance (SPR) [4-6], these bulk 
scale techniques are unable to clarify the density and distribution of specific biomolecules in situ 
on single, living cell surfaces at the micro or nanoscale. 
Atomic force microscopy (AFM), as an important tool widely used over the last couple of 
decades in biological research, has the ability to not only characterize cell surfaces with 
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nanoscale resolution and three dimensional images, but also measure inter- and intra-molecular 
interaction forces with piconewton sensitivity (“AFM-based force spectroscopy”, AFM-FS) [7-
9]. Using a modified AFM tip as a probe, interaction forces between tip-bound ligands and 
surface-bound cognate receptors (or vice-versa) can be determined from force curves, which 
show the cantilever deflection (Δx) due to adhesion forces between the tip and sample [10]. The 
modification of the AFM tip is achieved by covalently bonding a molecule to it (e.g. antibody, 
aptamer, lectin etc.). To collect a force curve, the cantilever with the modified tip moves 
vertically (z-axis) toward the surface, contacts the surface, and then retracts. The interaction 
forceis then obtained by applying Hooke’s law (F=−kΔx), where F is the force and k is the 
spring constant of the cantilever. Analysis of these force curves can be used to uncover 
biophysical and biochemical properties, and thereby provides a strategy for single cell analysis 
(Figure 1.1).  
 
Figure  1.1.  Probing  cell  surfaces  using  AFM  based  force  spectroscopy. 
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In recent years, the process of collecting such force curves has been expanded with the advent of 
automated scanning modes that allow us to rapidly obtain spatial distributions of interaction 
forces in a process called “AFM-based force recognition mapping” [11-13]. Briefly, an array of 
force curves on an area is collected with a biofunctionalized AFM tip. The adhesion forces of all 
force curves can then be combined with their corresponding surface coordinates, allowing 
display in the form of a “map”, simultaneously showing the position of specific biomolecules 
and their adhesion. Using the force interaction data, it is then possible to spatially recognize 
specific molecules on surfaces. The unique advantage of this technique is its ability to spatially 
identify the specific targets in situ and at the single cell level without extra sample preparation 
such as cell wall lysis. Using different bio-functionalized probes, we can localize various specific 
targets on the cell surface via simultaneous topographic and force information. Additionally, the 
AFM tip can be used as an indenter to determine the mechanical nature of the cell surface at the 
nanoscale via nanoindentation coupled with a technique of “elasticity mapping” [14]. Similar to 
the force map, the mechanical elasticity map can be overlaid on the topography of the cell to 
show the variation of properties across the entire cell (Figure 1.2). Importantly, AFM can be 
performed in real-time, under physiological conditions, as well as under controlled environments 
varying pH, salt, inhibitors or other effectors. This enables observation of force map and 
elasticity map changes in real-time, monitoring cellular activities, retracing different growth 
environments and cell states, as well as evaluating the effects of exogenous substances on cell 
surfaces (for instance, the effects of drugs, antibiotics or antimicrobials on pathogens). 
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Figure  1.2. AFM based elasticity mapping on cell. The optical phase contrast image of a cell 
with the cantilever hovering over it, and with an optically defined region of interest (red box) for 
elasticity mapping is shown in (a). After the AFM topography scan (b), the elasticity map was 
obtained, and analyzed using the Hertz model (see explanation below).The modulus values were 
plotted and displayed as a 2D image (c). The modulus map was overlaid onto the AFM 
topography image and rendered in 3D (d).1 
 
 
1.1.1 Research Objective 
The objective of this research was to develop and enhance the strategy of integrated imaging and 
spatial recognition of cell surface biomolecules to further our understanding of fundamental 
biological processes at the nanoscale. This can lead to novel, robust methods for the analysis of 
individual cells, as well as detecting and assessing changes in cell behavior and function over 
time, either as a result of natural state changes or when perturbed. 
As discussed below, this research followed various steps leading to the goal of probing complex 
                                                            
1(Image adapted from: http://www.asylumresearch.com/Gallery/Nanomechanics/ForceMapping/ForceMapping2.shtml) 
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cellular surfaces. Initially, AFM-FS was used to investigate the specific biomolecular interaction 
between heparin and thrombin in order to uncover key kinetic parameters. This study also 
enabled the development of broader techniques to study both non-biological surfaces and living 
cell surfaces, combining force recognition with spatial localization. To translate the biophysical 
“mapping” technique to complex, living cell surfaces, the research focused on expanding 
applications towards the single-cell detection of pathogens. Bacillus cereus and Yersinia pestis 
cell surfaces were used as models due to their importance as related to food-safety and 
bioterrorism, and necessity for rapid analysis of types and virulence. For instance, the 
descriptions of their cell wall carbohydrates could be useful for type/strain classification, 
monitoring cellular processes such as sporulation, and evaluating the effect of inactivation 
methods and growth temperatures on cell surface biochemical nature. Escherichia coli and 
Bacillus cereus spore surfaces were used as targets wherein the descriptions of cell surface 
hydrophobicity (which originate from lipids and hydrophobic proteins), could be useful for 
studying antimicrobial mechanisms and culture media effect. Finally, human epithelial cells 
including buccal and palm cells were selected as targets wherein the descriptions of cell surface 
DNA form a novel tool for forensic identification. Together, these studies enable visualization of 
the spatial distributions of target biomolecules and assessment of their changes on cell surfaces 
in situ, which could lead to the development of robust strategies for the analysis of cells at the 
individual level. The spatial localization of specific cell surface targets (sugars, lipids, DNA etc.) 
offers a new avenue to classify various cell types/strains, monitor diverse cellular processes, 
study mechanisms of drug action, and reconstruct different culture conditions and cell states 
from a nanoscale and single cell perspective. 
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1.2 Specific Aims 
 
This research focused on the following aims:  
(1) Development of techniques to spatially recognize target biomolecules on (model) surfaces 
using single-pair biomolecular interactions.  
(2) Translation of these techniques for the spatial localization of specific targets on complex 
living cell surfaces. 
(3) Investigation of specific cell related questions from a nanoscale perspective using bacteria as 
model organisms. These include observations on how the distribution of specific biomolecules 
changes among different cell types and strains, during specific cellular processes or under 
different micro-environments. 
(4) Determination of whether such spatial distributions and changes can be used for broader 
applications in single cell analyses: classification of various cell types, strains or states, 
reconstruction of culture conditions (such as medium and temperature), and monitoring of cell 
activities with external effectors (e.g. antimicrobials) to elucidate mechanism of action. 
 
1.2.1 Biomolecular interactions and spatial recognition of single biomolecules on controlled 
model surfaces. 
In order to measure pairwise interaction forces using AFM-FS, proper immobilization methods 
need to be first developed to covalently attach biomolecules on AFM probes and substrates at the 
molecular level (preferably at the single molecule level). Concurrently, strategies are necessary 
7 
 
to improve the accuracy of force measurement, such as minimizing nonspecific tip-surface 
adhesion forces, and measuring interaction forces at the molecular level. The target molecules 
need to be attached to surfaces in a well-separated fashion in order to evaluate the ability of 
identification and localization. Two important factors, which may determine the accuracy and 
efficiency of the “force recognition” technique – the selection of proper bio-probe and spatial 
resolution, will be optimized. Based on the force spectroscopy research, an “AFM-based force 
recognition mapping” technique will be developed for spatial recognition of specific 
biomolecules on controlled (model) surfaces. These tasks will enable studies on more complex 
surfaces in subsequent aims.  
 
1.2.2 Force spectroscopy on living cell surfaces. 
The translation of “force recognition” techniques from Aim 1 to complex, living cell surfaces 
offers the opportunity to obtain spatial distribution of cell surface biomolecules in situ. The cell 
separates its cytoplasm from the extracellular environment via a cell membrane consisting of a 
phospholipid bilayer with embedded proteins and carbohydrates located on the extracellular 
surface of the membrane. It is extremely challenging to detect a specific biomolecule embedded 
in the complex cell membrane from topography imaging alone. Therefore, in order to investigate 
cell surfaces in physiological environments, proper strategies will be developed for immobilizing 
cells in their native state. Optimization of the “force recognition” techniques involving the 
resolution and data collection time is necessary to adapt to complex cell surfaces. These tasks 
will facilitate a versatile platform and provide a nanoscale perspective to quantitatively detect 
and spatially localize the cell surface biomarkers at the single cell level. 
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1.2.3 Single cell analysis via spatial mapping of cell surface targets and assessment of their 
changes.  
Using the techniques developed in the above tasks, spatial distribution of specific cell surface 
biomolecules will be used to address specific cellular questions from a single cell and nanoscale 
perspective. B. cereus will be selected as a model system to study the spatial distribution of cell 
surface carbohydrates and quantitatively assess the changes among different cell types and 
strains, during a specific cellular process (sporulation) or under different micro-environments. As 
the AFM can be performed in real-time and controllable micro-environments, it is possible to 
observe the biomolecular distribution change in real-time and various micro-environments. 
Overall, this will lead to visualization of targets of interest and their changes on cell surfaces and 
the development of robust strategies for the analysis of cells at the individual level.  
Following Aim 3, the spatial distribution of cell surface biomolecules and their changes will be 
used to classify various cell types, strains or states, reconstruct culture media, as well as monitor 
cell activities with external effectors to elucidate their mechanisms of action. Specifically, 
hydrophobic contents and the changes will be detected on various bacteria for cell type 
classification (such as B.cereus and B. subtilis), culture media reconstruction and monitoring cell 
activities with external effectors to elucidate their mechanisms of action (antimicrobials). Surface 
carbohydrates on Y. pestis inactivated by different methods and grown in different temperatures 
will be studied to determine the best inactivation method to preserve its surface biochemical 
nature, and its surface adaption to different environments. These tasks will demonstrate whether 
the spatial distribution of specific cell surface biomolecules and the changes can be used as a 
reliable, rapid and versatile analysis tool for single-cell level study.  
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1.3 Background and Significance 
 
This section will define the background and significance of  this research, first introducing the 
advantages, development and enhancement of the technique, and translating this technique on 
complex cell surfaces for addressing pratical cellular related questions. 
 
1.3.1 Atomic Force Microscopy as an integrated biophysical tool 
Primarily devised for high resolution imaging, the AFM is a powerful and widely used tool for 
investigating molecular scale processes under physiological environment. AFM-FS allows the 
measurement of inter- and intra-molecular interaction forces with piconewton resolution [10, 15, 
16]. Using a biomolecule modified AFM tip as a probe, interaction forces between tip-bound 
ligands and cognate surface-bound receptors (or vice-versa) can be measured. As the interaction 
forces closely depend on the loading rates exerted on the molecular complex [17, 18], Dynamic 
Force Spectroscopy (DFS), a subset of AFM-FS which allows collection of force data over 
variable loading rates, has emerged as a valuable technique for the characterization of 
dissociation kinetics and energy profile of the interacting molecules under varying conditions 
[19, 20]. The first step of this research is to build an AFM-FS based platform for studying 
biomolecular interactions at the molecular scale. This is also intended to provide a facile means 
for attaching biomolecules on non-biological surfaces in a well-separated fashion and measuring 
their interaction forces.  
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1.3.2 Molecular interactions in biological processes  
Pair-wise biomolecular interactions involving different proteins, proteins and polysaccharides, or 
proteins and DNA, play crucial roles in diverse biological processes [1, 21]. For example, the 
interactions between polysaccharides and proteins are pivotal to a range of physiological and 
pathological processes, including blood coagulation, inflammation and tumor metastasis [22-25]. 
A fundamental understanding of the biophysical nature of these events, such as adhesion force, 
binding affinity and stability in different kinds of environments, has major applied importance 
[26, 27]. Here, the heparin-thrombin interaction is used as a model biophysical system.  
Heparin, a highly sulfated glycosaminoglycan (GAG), is widely used as an injectable 
anticoagulant as well as in the form of anticoagulant coatings on various biomedical devices. 
Heparin is known to accelerate the inactivation of blood coagulation proteinase (thrombin) by its 
inhibitor antithrombin(AT) [28, 29]. The mechanism of this reaction reveals a classic interplay of 
site-specific and site-nonspecific interactions. The first step involves AT binding to a specific 
five residue sequence on the polymeric chain of heparin. Thrombin binds to a remote site on the 
same heparin chain and then “walks” toward AT to form the ternary ‘locked’ complex, which 
results in thrombin inhibition [30-33]. Thus, thrombin regulation is of paramount importance and 
understanding the fundamentals of the heparin–thrombin interaction is critical. In this research, 
heparin–thrombin interaction is selected as a model system to build an AFM-FS based platform 
for studying biomolecular interaction at the molecular scale. 
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1.3.3 Recognition and mapping of single proteins 
One of the important challenges in surface characterization using the AFM and other 
microscopes is that it is generally unable to distinguish between different or similarly shaped 
objects of disparate chemical nature based on the topographical image alone. For instance, it is 
extremely challenging to detect a transmembrane protein embedded in the cell membrane from 
topography imaging alone. Consequently, there is a clear need to develop methods to spatially 
probe and identify biomolecules on biosurfaces, possibly based on their bioactivity or their 
interactions. A recent enhancement to the AFM toolkit called AFM-based force recognition 
mapping, involves the integration of imaging and force spectroscopy to facilitate 
multidimensional data collection about a system. It is now possible to record the adhesion force 
between the AFM tip and a surface during scanning. Thus, information on topography may be 
obtained in conjunction with mechanical stiffness or elasticity, or coupled with adhesive forces 
and other measures of interaction. This powerful enhancement has been adapted for applications 
including the detection and localization of specific molecular recognition events, as well as for 
simultaneous topography and force recognition imaging of specific receptors on complex 
surfaces [34, 35]. 
In order to improve the spatial accuracy of this technique however, two important criteria need to 
be met: First, single proteins need to be attached to surfaces in a well-separated fashion. This is 
to ensure that the interactions are molecular and not multivalent. Early research indicated that 
mixed self-assembled monolayers (SAMs) synthesized via co-adsorption from solutions 
containing mixtures of thiols provided a useful platform for the study of single molecules by 
incorporating properties from different thiol molecular species [36]. Second, proper bio-probes 
with specificity to various protein targets need to be selected, and covalently attached to AFM 
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tips [37-40]. In this research, different bio-probes ranging from short synthetic DNA/RNA 
oligonucleotides called aptamers [41, 42] to sugar binding lectins are used. Mapping isolated 
proteins on non-biological surfaces may be expanded to be a versatile platform for detection of 
specific biomarkers on living cell surfaces, which is more complex than non-biological surface.  
 
1.3.4 Detecting specific biomarkers on living cell surfaces 
The AFM can directly investigate live cells under near physiological environments in a non-
destructive fashion. More practicably, the AFM-based force recognition mapping technique that 
combines AFM-FS with the high spatial resolution of the AFM, offers the opportunity to map 
living cell surface recognition sites or biomarkers that would not be otherwise found by 
traditional, macroscale techniques. Specifically, the AFM is used to study bacterial surfaces at 
the single cell level and to monitor cellular activities by observing specific biomolecular targets 
at the cell surface [43, 44]. B. cereus is chosen as a model bacterium owing to its importance in 
the food industry, and due to genetic and structural similarity with the more virulent B. anthracis. 
The characterization and profiling carbohydrate compositions of these bacilli has great 
fundamental and applied importance, especially for identification of different genera, strains and 
physiological states of bacteria. 
 
1.3.5 Multi-parametric tracking on living cell surfaces during biological process 
AFM-based force recognition mapping also provides a means for tracking the change of these 
cell surface biomarkers during various biological processes and under different conditions. 
Specifically in this research, B. cereus, as a typical spore-forming cell, is able to metabolically 
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transform into oval, dormant spores in response to unfavorable environmental conditions. It has 
been shown that vegetative B. cereus cells have different carbohydrate compositions in 
comparison to spores. These compositional biomarkers switches could be used to discriminate 
the vegetative or spore stage of Bacillus and track the sporulation process. Therefore, the 
carbohydrate compositions obtained by AFM-based force mapping can also be used as important 
parameters for tracking bacterial related activities. Here, both the morphology and carbohydrate 
compositions changes on cell surfaces can be monitored during the sporulation process at the 
nanoscale. 
Additionally, morphological changes during sporulation are accompanied by variations in the 
mechanical properties of the cell surface as multilayers of protein coats and peptidoglycan layers 
encase cellular contents and genetic information into the newly formed spore [45]. Similar as the 
force mapping, AFM based elasticity mapping allowed us to rapidly obtain spatial distribution of 
elasticity [46, 47]. Using the AFM tip as an indenter, quantitative information on the elasticity of 
the sample can be obtained spatially [48]. Therefore, AFM imaging combined force and 
elasticity mapping will provide a multi-parametric platform for tracking cell related biological 
processes. 
 
1.3.6 Applications of spatial mapping of cell surface targets 
Evaluation of the effect of inactivation and growth temperature  
Y. pestis, the causative agent of plague, has been responsible for several recurrent, lethal 
pandemics in history [49, 50]. Currently, it remains an important pathogen to study owing to its 
virulence, adaptation to different environments during transmission, and potential use in 
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bioterrorism [51, 52]. Manipulation of viable Yersinia organisms in the laboratory usually 
necessitates elevated biosafety and biocontainment procedures, even with avirulent or vaccine 
strains. However, to facilitate downstream biochemical or physical analyses in a Biosafety Level 
1 laboratory environment, effective inactivation without affecting its intrinsic properties is 
critical. Furthermore, the effect of growth temperature may be relevant to the natural ecology of 
Y. pestis. Temperatures in nature typically vary from 0oC to 42°C, involving transmission from 
the cold-blooded flea vector (20-25°C) to the warm-blooded mammal host (37°C), and infected 
animals during winter hibernation (6°C) [53]. Adaptations to different growth temperatures have 
been associated with transformations on Y. pestis surfaces [54-56].  
In this research, a functionalized AFM probe and force recognition mapping strategy is 
developed to analyze how the biochemical nature of the single cell surface is affected by 
different inactivation methods and growth temperatures [57, 58]. The lectin wheat germ 
agglutinin (WGA) is used to spatially detect and quantify the surface lipopolysaccharides (LPS) 
via the carbohydrate N-acetylglucosamine (GlcNAc) with outermost localization on the cell 
surface as one of the terminal residues of the core LPS oligosaccharide. These results provide 
tools for studying virulent pathogens using equipment that may not have elevated 
biocontainment capabilities - inactivation followed by nanoscale evaluation of the effects on cell 
morphology and surface bioactivity. Understanding how external microenvironments 
(temperature, irradiation), including those designed to inactivate the Y. pestis, affect the structure 
and biochemical behavior of the cell surface, can help us not only design better inactivation 
protocols, but also shed light on the in situ characteristics of pathogens. 
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Differentiation of Bacillus spore types and growth conditions 
Members of the Bacillus ACT group (anthracis, cereus and thuringiensis) are able to transform 
into metabolically dormant states called spores. It is now well known that these spores possess 
unique hydrophobic surface property and the spore surface hydrophobicity is closely related to 
their adhesion to inanimate surface and phagocytic cells [59, 60], escape from macrophages [61], 
pathogenicity [62], and germination [63]. Furthermore, prior reports have shown that the bacilli 
spore surface hydrophobicity differs widely among species and strains [64-66]. Thus, the 
characterization and understanding of Bacillus spore surface hydrophobicity has great 
fundamental and applied importance. To date, surface hydrophobicity of various species and 
strains of bacilli has been well studied using several methods including microbial adhesion to 
hydrocarbons (MATH) [67], hydrophobic interaction chromatography (HIC) [68], salt 
precipitation [69], and contact angle measurements [70]. However, one of the primary 
disadvantages of these approaches is that they need large populations of spores for the bulk scale 
analysis. In the case of a bioterrorist attack, each hour of detection delay could increase 
infections and spread.  
AFM based chemical force microscopy (CFM) has rapidly emerged as an important tool in 
microbiology [71, 72]. Specifically, using functional AFM tips as probes, adhesion forces 
between tip-bound groups (-CH3) and surface hydrophobic groups on bacteria can be measured. 
This technique enables researchers to map out spatial distributions of hydrophobic groups such 
as lipids and hydrophobic proteins [9, 73]. The unique advantage of CFM is the ability to rapidly 
investigate single spore (or limited amount of spores) under near physiological environments in a 
non-destructive fashion. The nanoscale hydrophobic profiling on single spores offers a new way 
for differentiation of Bacillus spore types. The evaluation of culture medium effect on single 
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spore surface hydrophobicity provides more useful information for forensic investigation 
purpose such as retracing spore culture processes and sources.   
 
Monitoring antimicrobial mechanism of action in real time  
A better understanding of killing mechanisms of antimicrobial compounds is critical to the 
development of new broad-spectrum agents. Among the different kinds of antimicrobials, 
synthetic amphiphilic polycations structurally mimic the naturally occurring antimicrobial 
peptides [74-76]. Similar to antimicrobial peptides, net positively charged polycations are able to 
electrostatically bind to the anionic bacterial surface, while the amphipathic structure facilitates 
their insertion into the hydrophobic core of the cell membrane [77, 78]. So far, different models 
for the interaction of antimicrobial peptides with the bacterial membrane have been proposed 
based on antimicrobial peptides interacting with model membrane systems. However, the killing 
mechanism of synthetic amphiphilic polycations and their effect on natural membrane system 
(live bacterial surface) still need to be clarified.  
Among different metals, copper (Cu) and its compounds have been widely utilized as cheap and 
effective antimicrobial materials. In recent years, micro- and nano-particles of metals have 
attracted considerable interest owing to their potency, high specific surface area, chemical 
stability, heat resistance and long shelf-life [79]. Most of the studies have hypothesized that 
bacteria are killed by a copper ion release mechanism instead of nanoparticle penetration into 
bacteria [80]. However, compared to copper nanoparticles, copper microparticles and their 
antimicrobial mechanism have been poorly studied. 
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As AFM imaging can be performed in real-time and controllable micro-environments, it is 
possible to monitor the changes in cells in real-time and various micro-environments including 
the presence of drugs, antibiotics or antimicrobials. Here, observation of the effect of 
antimicrobials (polycationic and metallic ions) on live bacterial cells (from morphology and 
surface hydrophobicity perspectives) under physiological conditions in situ and real time were 
used to provide models for killing mechanisms at the single cell level. 
 
 
[This chapter contains results that have been previously published in:  
Wang C, Yadavalli VK, “Investigating biomolecular recognition at the cell surface using 
atomic force microscopy,” Micron, 60, 5-17, May 2014. 
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CHAPTER 2 
INVESTIGATION OF BIOMOLECULAR INTERACTIONS BY AFM-BASED FORCE 
SPECTROSCOPY 
 
 
2.1 Introduction 
 
Pair-wise biomolecular interactions involving different proteins, proteins and polysaccharides, or 
proteins and DNA, play crucial roles in diverse biological processes [1, 21]. The interactions 
between polysaccharides and proteins are key to a range of physiological and pathological 
processes, including blood coagulation, inflammation and tumor metastasis [22-25]. A 
fundamental understanding of the biophysical nature of these events, such as adhesion force, 
binding affinity and stability in different kinds of environments, has major applied importance 
[26, 27]. Heparin, a highly sulfated glycosaminoglycan (GAG), is widely used as an injectable 
anticoagulant as well as in the form of anticoagulant coatings on various biomedical devices. 
Heparin is known to accelerate the inactivation of blood coagulation proteinase(thrombin) by its 
inhibitor antithrombin(AT) [28, 29]. The mechanism of this reaction reveals a classic interplay of 
site-specific and site-nonspecific interactions. The first step involves AT binding to a specific 
five residue sequence on the polymeric chain of heparin. Thrombin binds to a remote site on the 
same heparin chain and then “walks” toward AT to form the ternary ‘locked’ complex, which 
19 
 
results in thrombin inhibition [30-33]. For optimal operation, nature has designed heparin-
thrombin interaction to be a site-nonspecific interaction [81], which enables “walking” of 
thrombin on the sulfated polysaccharide chain [14]. This is expected to be characterized by fast 
‘on’ and ‘off’ reactions. Interestingly, the formation of the ternary complex is to be achieved 
under rapid blood conditions, which enhances the probability of thrombin dissociation and raises 
the possibility of inadvertent clot formation. Thus, thrombin regulation is of paramount 
importance and understanding the fundamentals of the heparin–thrombin interaction is critical 
(Figure 2.1). 
 
 
Figure 2.1. (a) Secondary structure of thrombin. (b) Two different structures of heparin. (c) 
Stereo representation of the crystal structure of the ternary complex between antithrombin 
(bottom), thrombin (top) and heparin (right side) 2 [31]. 
 
                                                            
2(Image adapted from: http://fineartamerica.com/featured/thrombin-protein-secondary-structure-dr-tim-evans.html and 
https://en.wikipedia.org/wiki/Heparin) 
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To date, the binding interactions between heparin and thrombin have been studied primarily at 
the bulk level, using approaches such as fluorescence, affinity chromatography and surface 
plasmon resonance (SPR). Oshima et al. [82] showed that the interaction of thrombin with 
fluorescein-labeled heparin is affected by NaCl, implying that electrostatic force is the 
dominating factor of the interaction. Using quantitative affinity chromatography, Olson et al. 
[81] also demonstrated that the strong dependence of the binding on NaCl concentration was best 
accounted for by the electrostatic interactions of thrombin and heparin. In a study conducted via 
SPR, a heparin-coated surface was able to bind much more thrombin than AT III, indicating that 
the heparin–thrombin interaction is less specific compared to the heparin–AT III interactions 
[83]. However, these methods require large amounts of heparin/thrombin, and are principally 
applied to study the bulk scale interactions at their steady states. They are also unable to evaluate 
these weak forces in varying media directly at the molecular level. On the other hand, most 
biological processes generally occur under non-equilibrium conditions at the molecular scale 
[84]. Given that the binding of thrombin and heparin might be primarily due to weak, non-
covalent forces, there is a need to unravel the molecular mechanism of heparin–thrombin 
interaction at a fundamental level from a mechanical and dynamic perspective.  
In this chapter, we discuss the use of Atomic Force Microscopy (AFM)-based Force 
Spectroscopy (AFM-FS) to study the fundamental biophysics of the interactions between heparin 
and thrombin at the molecular level. Primarily devised for high resolution imaging, the AFM is a 
powerful and widely used tool for investigating molecular scale processes. AFM-FS allows the 
measurement of inter- and intra-molecular interaction forces with piconewton resolution [10, 15, 
85]. As the interaction forces closely depend on the loading rates exerted on the molecular 
complex [17, 18], Dynamic Force Spectroscopy (DFS), a subset of AFM-FS which allows 
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collection of force data over variable loading rates, has emerged as a valuable technique for the 
characterization of dissociation kinetics and energy profile of the interacting molecules under 
varying conditions [19, 20]. 
For force measurements using AFM-FS and DFS, the first step is to covalently immobilize each 
biomolecule of the pair-wise interaction on an AFM tip and a substrate, respectively. Together 
with different immobilization strategies, the rupture forces between the tip-bound and surface-
bound molecules can then be measured in real-time, under physiological conditions, as well as 
under controlled microenvironments [86]. To attach the protein (thrombin) molecules to a 
surface and to minimize non-specific tip-surface adhesion forces, a well characterized mixed 
self-assembled monolayer (SAM) platform is used, wherein lysine residues on the protein 
surface are conjugated to NHS groups on a gold surface. However, for heparin, an additional 
challenge in its study lies in the development of suitable tethers for the covalent attachment of 
the carbohydrate. The synthesis of a versatile heparin-PEG-thiol allows facile immobilization to 
gold surfaces via an Au-S linkage. As shown below, heparin molecules can be modified with a 
poly(ethylene glycol) (PEG) containing mercapto-terminal group to enable immobilization on a 
gold substrate and create a functionalized surface.  
The morphology of the GAG-functionalized surface is characterized via non-contact mode AFM 
imaging. The interaction forces of single pairs of heparin and thrombin molecules are determined 
in PBS buffer using AFM-FS. Control experiments are performed to measure the interaction 
forces between the heparin surface and bare (no attached thrombin) cantilever. The specificity of 
the binding interactions is confirmed via the blocking of binding sites on the thrombin molecule 
with free heparin. Finally, using DFS, the effect of NaCl concentration on the binding kinetics 
and energy landscape of the heparin and thrombin are studied. The results reveal that the 
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heparin–thrombin complex becomes less stable with the increase of NaCl concentration. AFM-
FS coupled with the heparin and thrombin surface functionalization therefore provides a versatile 
platform for studying the sugar-protein interactions at the molecular scale under different 
environmental conditions. Indeed, to date, very little is known by way of force interactions of 
most anticoagulation proteins (thrombin, factor Xa, factor XIa, antithrombin etc.). These findings 
may therefore offer a new insight into the molecular mechanism of blood (anti)coagulation under 
applied force or flow conditions, useful in the design and screening of cardiovascular drug 
candidates. Also, this chapter builds an AFM platform to study the single pair molecular 
interactions and facilitates AFM-based single molecules detection and mapping on various 
surfaces. 
 
 
2.2 Experimental Section 
 
2.2.1 Materials and instrumentation 
(1-Mercaptoundec-11-yl) hexaethylene glycol (Oligoethylene glycol (OEG) terminated thiol), 
HS-C11-(EG)6OH, and (1-mercaptohexadecanoic acid)-N-succinimidyl ester (NHS terminated 
thiol), HS-C15COO-NHS, were purchased from Assemblon Inc. (Redmond, WA) and 
Nanoscience Instruments Inc. (Phoenix, AZ) respectively. Human α-thrombin was purchased 
from Hematologic Technologies (Essex Junction, VT). Heterofunctional polyethylene glycol 
(PEG): HS-PEG-NH2 (MW 1,000) was purchased from Laysan Bio (Arab, AL).  Heparin sodium 
salt (H3393, 17000-19000 Da) was purchased from Sigma-Aldrich (St. Louis, MO). Phosphate-
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buffered saline (PBS pH 7.4) (11.9 mM phosphates, 137 mM sodium chloride and 2.7 mM 
potassium chloride), Sodium chloride (biological, certified crystalline) and Ethanol (200-proof) 
were purchased from Fisher Scientific. Ultrapure water (resistivity 18.2 MΩ•cm) was obtained 
from a MilliQ water purification system (Millipore Scientiﬁc, MA). Gold surfaces were 
purchased from Agilent Technologies, Inc. (Foster City, CA). Gold coated PPP-CONTCSAu 
cantilevers from Nanosensors (Neuchatel, Switzerland) and AC240TS cantilevers from Asylum 
Research (Santa Barbara, CA) were used for force measurement and imaging respectively.  
In all experiments described in this thesis, AFM cantilevers were cleaned using an UV/Ozone 
Procleaner (BioForce Nanosciences Inc. Ames, IA) before use. All AFM imaging and force 
spectroscopy experiments were performed using an Asylum MFP-3D atomic force microscope 
(Asylum Research, Santa Barbara, CA). NMR experiments were carried out on a Bruker 
400MHz NMR spectrometer (Bruker BioSpin, Woodlands, TX). 
 
2.2.2 Synthesis of heparin-PEG-thiol 
10mg heparin sodium was dissolved in 1ml formamide. 12 mg HS-PEG-NH2 was then added and 
the reaction was maintained at 50°C for 6 hours. 5 mg aqueous sodium cyanoborohydride was 
added and incubated at 50 °C for an additional 24 hours. The reaction mixture was diluted with 1 
mL of water and dialyzed against 1 L of water for 48 hours using a 3500 Da molecular weight 
cutoff dialysis membrane. The retentate was recovered and lyophilized. The freshly prepared 
sample was dissolved in D2O, and further characterized by 1H NMR at 400 MHz to verify the 
formation of the heparin-PEG-thiol. Signals, in part per million (ppm), are relative to the residual 
peak of the solvent (D2O, δ = 4.79 ppm). 
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2.2.3 Functionalized substrate and cantilever preparation 
Gold surfaces were rinsed with ethanol several times prior to formation of the mixed thiol SAMs. 
Functionalized heparin substrates were prepared by a two-step method: (i) incubating the freshly 
cleaned gold surface in a 1 ߤM heparin-PEG-thiol aqueous solution for 2 hours at ambient 
temperature, followed by rinsing with water; (ii) immersing the surface in a HS-C11-(EG)6OH 
ethanol solution overnight (16 hours) followed by rinsing with ethanol. Gold coated cantilevers 
were cleaned in UV/ozone for 15 minutes. Cantilevers were functionalized by an approach as 
described earlier [87] - immersion in mixed thiol solution (HS-C11-(EG)6OH and HS-C15COO-
NHS) in ethanol for 16 hours. Cantilevers were then rinsed with ethanol, and incubated in a 100 
nM solution of thrombin in PBS buffer for 1 hour at ambient temperature. 
 
2.2.4 AFM imaging of surfaces and dynamic force spectroscopy 
Cantilevers were cleaned using high-intensity UV light. Spring constants of functionalized 
cantilevers were measured prior to each experiment using the thermal fluctuation method [88]. 
AC240TS cantilevers (k=~2 N/m, resonance frequency f=70 kHz) were used for initially 
characterizing the heparin attached surfaces in non-contact mode. Regions containing heparin 
molecules were identified prior to force measurements by non-contact imaging. Subsequently, 
PPP-CONTCSAu cantilevers (k=~0.2 N/m, f=24 kHz) functionalized with thrombin were used 
for measurement of interaction forces. Force-distance curves were collected in a liquid 
environment by moving the tip to different locations, holding on surface for 5 seconds and then 
retracting it in a repeated, cyclic manner. Several hundred curves were collected for each 
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experiment at different points on the surface. The force of contact was kept <300 pN to avoid 
damaging the surface heparin and to preserve the functionalized AFM tip. Force curves that 
showed binding events at rupture lengths between 10-50 nm were selected and analyzed in 
IgorPro (Wavemetrics, OR). A binding probability was estimated as the ratio of the number of 
analyzed curves showing binding events to the total number of curves collected in each 
experiment. Control experiments were conducted to measure the interaction forces using bare 
cantilevers (PEG thiol/no attached protein) on heparin surface. Blocking experiments were 
performed by measuring the interaction forces in the presence of free heparin (5μg/ml) in PBS. 
By varying the loading rates of the heparin-thrombin interaction, Dynamic Force Spectroscopy 
(DFS) measurements were conducted from ~10 to ~300 nN/s. The loading rate was accurately 
determined by estimating the speed of the cantilever at the instant of contact. At each loading 
rate, several hundred force-distance curves were collected and analyzed to obtain the rupture 
force histogram. The effect of NaCl on the binding and stability of the heparin/thrombin complex 
was further investigated using buffers made at varying concentrations of NaCl. 
 
 
2.3 Results and Discussion 
 
2.3.1 Synthesis and characterization of heparin-PEG-thiol 
To measure pair-wise interaction forces, the first step is to covalently immobilize each 
biomolecule on an AFM probe (cantilever) and a carefully prepared substrate [89]. The receptor 
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and ligand are repeatedly brought in contact with one another and the molecular interaction 
monitored. Typically, gold-coated substrates present a wealth of possible conjugation chemistries 
and are widely used. In the case of thrombin, several strategies are available for covalently 
immobilizing the protein [90]. Here, surface lysines on thrombin were utilized to attach it to a 
gold cantilever via an NHS linkage. On the other hand, heparin possesses unique challenges in 
this regard. While heparin is a negatively charged polysaccharide and could hypothetically be 
electrostatically immobilized to a positively charged substrate, this bond is not strong enough to 
prevent the molecules being picked up by the probe during retraction [91]. It is therefore 
necessary to modify the heparin to enable covalent attachment, while preserving its chemical 
nature. Some reports have discussed the biotinylation of heparin through its un-substituted 
groups [92]. Here, the heparin was modified using a hetero-bifunctionalpoly(ethylene glycol) 
(PEG) linker with thiol and amine end group (HS-PEG-NH2). This creates a versatile heparin 
conjugate that enables to covalently bind to a gold surface via an Au-S bond (Figure 2.2).  
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Figure 2.2. (A) Schematic and structure of thiolation of heparin to form heparin-PEG-thiol. (B) 
Molecular structure of thiols used to form the self-assembled monolayers: HS-C11-(EG)6OH, 
heparin-PEG-thiol and HS-C15COO-NHS. (C) Self-assembled monolayers formed on the gold 
surface and AFM probe with corresponding adsorption of heparin-PEG-thiol and thrombin on 
the functionalized substrates.  
 
The sole reducing end of heparin was reacted with the amine group of HS-PEG-NH2 in 
anhydrous formamide and the imine formed was reduced using sodium cyanoborohydride [93]. 
This also allows the heparin to retain its core biochemical properties after functionalization. The 
heterofunctional PEG was selected for its physical and chemical inertness as well as the 
availability of different terminal functional groups. The PEG further acted as a spacer of 
controllable length between the biomolecule and the underlying substrate, allowing to enhance 
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bioactivity relative to direct immobilization [94]. This modification method is advantageous 
because of covalent attachment to the Au-substrate which makes them stable during the force 
measurement, and also exposes the maximum amount of binding sites on the heparin chain [95]. 
The selection of the reducing end preserves the chemical nature of the heparin. To verify this and 
the modification of the heparin with HS-PEG-NH2, 1H NMR was conducted. Unmodified 
heparin, HS-PEG-NH2 and the product were characterized by comparison of 1H NMR data: 
Heparin (400 MHz, D2O): δ 2.05 NHCOCH3,δ 5.08 IdoA2S, H-1. 
HS-PEG-NH2 (400 MHz, D2O): δ 2.7 SHCH2, δ 3.19 NH2CH2CH2O, δ 3.7 OCH2CH2O.  
PEG-labeled heparin (400 MHz, D2O): δ 2.05 NHCOCH3, δ 2.7 SHCH2, δ 2.95 NHCH2CH2O, δ 
3.42 NHCH2CH, δ 3.7 OCH2CH2O, δ 5.08 IdoA2S, H-1 
Heparin contains a major IdoA2S-GlcNS6S repeating disaccharide unit and minor amounts of 
GlcA, IdoA, GlcNAc, and GlcNS residues. 1H NMR of PEG-labeled heparin shows 
characteristic peaks for heparin (anomeric proton of IdoA2S, and methyl of acetyl in GlcNAc), 
as well as the signals for PEG (2.7 ppm corresponding to -CH2-SH group and 3.7 ppm 
corresponding to the PEG backbone). The newly formed linkage leads to the reduction of 
NH2CH2CH2O signal at 3.19 ppm, and the increase of NHCH2CH2O signal at 2.95 ppm. 
Attachment to amine introduces a new peak at 3.42 ppm, representing the hydrogen on the 
former anomeric carbon at the heparin reducing end. The NMR spectrum therefore indicates the 
success of heparin-PEG conjugation (Figure 2.3). 
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Figure 2.3. 1H NMR analysis of PEG-labeled heparin showed characteristic peaks of heparin 
(anomeric proton of IdoA2S, and methyl of acetyl in GlcNAc), as well as the signals for PEG 
(SHCH2, and OCH2CH2O). The newly formed linkage leads to the increase of NHCH2CH2O 
signal at 2.95 ppm and a new peak at 3.42 ppm represents the hydrogen on the former anomeric 
carbon at the heparin reducing end. 
 
2.3.2 Surface modification and heparin/thrombin immobilization 
For biophysical analyses between the heparin and thrombin, a well-characterized mixed self-
assembled monolayer (SAM) strategy was used. This platform has been demonstrated to provide 
an ideal surface to attach well-separated single molecules and study single-pair interactions 
without the interference of non-specific adhesion [96]. Here, a two-step approach was used to 
form a surface with covalently immobilized heparin molecules. The heparin-PEG-thiol was first 
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immobilized on a gold surface. This was followed by backfilling of the bare gold area with an 
OEG thiol (HS-C11-(EG)6OH) (Figure 2.2B and 2.2C). The OEG thiol resists protein adhesion 
and nonspecific tip-surface interaction, while the sparsely distributed heparins act as reactive 
sites for thrombin on AFM tips. By carefully regulating the ratio of heparin-thiol to OEG thiol, 
the heparin density on the substrate is easily controllable.   
Figure 2.4A shows a non-contact AFM image of a surface with a typical concentration of 
immobilized heparin. The morphology of the heparin surface was homogeneous and stable after 
repeated AFM imaging. The 80 nm line profile across the heparin immobilized surface shows 
height values for the surface features that correspond well with the cross-section diameter 
obtained from Small-angle X-ray Scattering (0.9 nm) and the maximum transversal dimensions 
(1 nm) in the three-dimensional NMR structure of a heparin fragment [97, 98]. It may be noted 
that the well-separated single heparins demonstrate that the “backfilling” method provided the 
heparin with appropriate distribution and orientation. Analyzing length of the features shows that 
most of the heparin molecules have length of 25 nm-35 nm (Figure 2.5), which is consistent with 
the length estimated from the X-ray scattering data (32 nm contour length for a heparin with 
17800 Da and 22 nm for a flexible and mildly bent heparin with 19000 Da) [97, 99]. The 
different size of the features may result from the heterogeneous length of heparin [100]. As a 
control, imaging an OEG thiol surface without the heparin-thiol expectedly did not show similar 
features.  
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Figure 2.4. (A) AFM topography images recorded in PBS of mixed SAM consisting of heparin-
PEG-thiol and OH-PEG-thiol; (B) Typical AFM force–distance curves obtained in the 
experiments: (i) typical selected retract trace indicating a specific molecular recognition event; 
(ii) no tip-surface sticking when using the bare AFM tip (no thrombin attached); (iii) in the 
presence of free heparin in the PBS solution, the force drops to zero. 
 
 
Figure 2.5.  Distribution of lengths of heparin molecules as obtained from AFM imaging.  
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2.3.3 Measurement of heparin and thrombin interaction forces 
Subsequent to the imaging, force measurements were conducted with AFM tips functionalized 
with thrombin on the heparin-attached surface at a loading rate of ~50 nN/s in PBS buffer. 
Several hundreds of force curves were collected: two sets of experiments (~300 force curves per 
set) were conducted on two different samples using two different tips. Of these, 19.7 ± 2.0% 
force curves showing a specific binding event were analyzed to construct the force distribution 
histogram. These curves classified as specific binding events are manifested in a cantilever 
deflection observed as a non-linear delayed retraction curve with a different slope as that of the 
contact region. The typical force-distance curve is shown in Figure 2.4B. In contrast, the force 
curves with non-specific adhesion show a linear retraction curve with invariable slope [101]. As 
our group has previously demonstrated, some force curves showing a small tip-surface adhesion 
were also analyzed because of a clearly discernible interaction event [102]. Approximately 20% 
of force curves with large non-specific adhesion peaks (>200 pN) were discarded. Overall, the 
low binding probability and percentage of non-specific adhesion events indicate that the mixed 
SAM platform is successfully able to modulate the orientation and density of heparin on the 
substrate, as well as decrease the nonspecific tip-surface interactions, critical for the accurate 
determination of rupture forces of individual heparin-thrombin binding pairs. 
The force distribution histogram for heparin and thrombin rupture force at a loading rate of ~50 
nN/s is shown in Figure 2.6B. The distribution of the rupture force between the heparin and 
thrombin shows a clear, single peak at 102.3±1.3 pN. A few force curves (<4%) shows higher 
rupture forces, indicating that multiple molecules may be interacting. However, due to the low 
concentration of heparin and thrombin coupled with the mixed SAM strategy used, we can infer 
that most of the binding events are due to the single pair of heparin and thrombin. On increasing 
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the concentration of heparin-PEG-thiol, the force distribution histograms show multiple force 
peaks at ~100 pN, 200 pN and 300 pN, implying that multiple pair interactions are likely to 
dominate with the increase of heparin density because each thrombin functionalized tip could 
interact with multiple heparin molecules simultaneously. Previous studies have shown that 
thrombin binds to heparin chains at least six saccharide units in length (at least 3~4 nm) [31, 99, 
103]. Interestingly, by tabulating the rupture distances of all collected force curves and 
conducting an autocorrelation analysis (Figure 2.7), a periodicity of 5.7 nm is observed which 
roughly corresponds to the size of the binding pocket of the heparin chain for thrombin. This 
implies the mechanism that thrombin binds to a remote site on the same heparin chain and then 
“walks” toward AT to form the ternary ‘locked’ complex. 
 
Figure 2.6. (A, left) Comparison of binding percentages for heparin/thrombin interactions with 
different control experiments:  a: heparin on substrate and thrombin on AFM tip; b: heparin on 
substrate and thrombin on AFM tip in the presence of free heparin; c: heparin on substrate and 
bare AFM tip (no thrombin attached). (B, right) Histogram showing unbinding force 
distributions of heparin interaction with thrombin with a Gaussian fit of the data (solid line). 
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Figure 2.7. (A) Histogram of rupture distances for heparin-thrombin pair. The y-axis represents 
number of events. Total number of force curves in this analysis = 650. (B) Periodicity was 
determined from an autocorrelation program written in Matlab. A clear period of ~5.7 nm is 
observed for the data.  
 
Two different control experiments were carried out to verify that the measured forces were 
indeed those of the heparin/thrombin interaction. First, a bare Au-cantilever (without attached 
thrombin) was used to detect the heparin-attached surface. In this experiment, most of the force 
curves showed zero interaction (Figure 2.4B) with no specific binding events detected. Second, 
blocking experiments were conducted by measuring the interaction forces in the presence of free 
heparin. The thrombin-attached tip was first incubated in heparin PBS solution for 30 minutes. 
Then force curves were collected on heparin-attached surface in the same medium. The binding 
probability dropped to 6.2 ± 1.9 % as shown in Figure 2.6A.Thus it can be postulated that the 
binding sites on the tip-attached thrombin are blocked by the free heparin in liquid. The 
significant decrease of binding probability of these two control experiments compared with 
heparin/thrombin system in PBS solution demonstrates that the observed interactions between 
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the functionalized cantilever and the surface are likely caused by specific binding between the 
heparin and thrombin. 
 
2.3.4 Dynamic force spectroscopy (DFS) of heparin and thrombin in PBS 
It is widely acknowledged that the specific unbinding forces rely on the intrinsic interactions of 
molecules as well as on the loading rates. Using DFS, it is therefore possible to transform the 
AFM to determine useful thermodynamic and kinetic parameters [104]. By evaluating the most 
probable rupture forces at different loading rates, details of the dissociation dynamics of the 
heparin–thrombin interaction as well as the energy barriers through dissociation can be 
calculated. Here, three cases were considered – a single energy barrier, a double energy barrier 
model with a potential well trough between two interaction barriers, and the recently developed 
model by Friddle et al. that interpolates between kinetic and equilibrium regimes [104, 105]. The 
double barrier Bell-Evans model is optimal at high loading rates and is therefore not rightly 
applicable to the lower loading rate regime, which contains the most interesting information in 
this study. Many biological systems that show "double-barriers" can be described by a single 
energy barrier, and the presumed "outer barrier" region simply represents near-equilibrium 
unbinding regime where the force does not depend on the loading rate. In our experiments as 
well, the rupture forces were found to linearly dependent on the logarithm of loading rates 
(Figure 2.8A) over the range investigated implying a single energy barrier. It is important to note 
that small range of loading rates was chosen keeping in mind physiologically relevant fluid 
environments, such as during hemodialysis that are relevant to the clotting cascade [106]. For the 
loading rate range investigated in this study, a simple linear dependence therefore precluded the 
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need to use the model proposed by Friddle et al. [105]. However, as an internal reference, higher 
loading rates to 400 nN/s were investigated, wherein the force-loading rate dependence is no 
longer linear. Over this larger range, this model fits the data well (complete analysis shown in 
Figure 2.9). For this heparin-thrombin system however, it is assumed that a single barrier 
approach can describe the relevant interactions.  
 
 
Figure 2.8. Dynamic force spectra of heparin and thrombin interactions at different loading rates 
in PBS. (A) Fitting the data with the Bell-Evans model yields a simple linear fit. The rupture 
forces of the complex measured reveal the width of the energy barrier in PBS (xB) to be 4.6Ǻ, 
while the off-rate (koff) is 0.04 s-1. (B) log dependence of the koff with the Na+ concentration 
shows a linear fit with a slope of 4.57, which corresponds very well with the earlier reported fit 
of 4.8 [81]. 
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Figure 2.9. Dynamic force spectroscopy at different salt concentrations over a larger loading rate 
range (to 106 pN/s). Data was fit using the model proposed by Friddle et al. (PNAS, 2012). 
Notice that at lower loading rate regimes, the model approximates the linear fit shown in Figure 
S2 above, showing that for our experiments, the single barrier model is valid. x-axis is presented 
in log10.  
 
Based on this fit, kinetic parameters can be extracted using the following Bell-Evans equations 
described earlier [107]: 
ܨ = ௞ಳ்
௫ಳ
	݈݊ ൬
௥௫ಳ
௞ಳ்௞೚೑೑
൰   (1) 
	 ஻݂ = 	 ௞ಳ்௫ಳ (slope)   (2) 
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݇௢௙௙ = ௥బ௙ಳ                (3) 
where F is the most probable rupture force, kB is the Boltzmann constant, T is the absolute 
temperature, r is the loading rate, r0 is loading rate at zero force, xB is the distance between 
bound state and unbound state for the transition state, which can be calculated from the slope of 
fitting curve. koff is the dissociation rate of bond at zero applied force, which can be calculated as 
the intercept of the fit. In the case of heparin and thrombin, both koff and xB are important for 
evaluating the susceptibility of the bond dissociation to applied force or under flow conditions 
[108]. Once koff has been determined, the height of the energy barrier, ΔG can be deduced using 
the following equation according to the transition state theory [109, 110]: 
 ∆ܩ = −݇஻	ܶ ݈݊ ௞೚೑೑௛௞ಳ	்                (4) 
where h is Planck’s constant and	݇஻	ܶ is the thermal energy. The linear fit to the data points in 
Figure 2.8A indicates that the heparin-thrombin complex overcomes one energy barrier during 
its dissociation under applied force with a height of 32.80 ݇஻	ܶ. The corresponding koff for the 
heparin-thrombin interaction in PBS was found to be 0.04 s-1. The low koff indicates the 
formation of a highly stable complex between heparin and thrombin.  
 
2.3.5 Binding as a function of NaCl concentration 
Finally, the binding kinetics of the heparin–thrombin interaction were investigated in the 
presence of salt. This served two purposes – observe the heparin–thrombin energy landscape, 
and provide an internal reference for this system. Previous study has shown that NaCl has a 
strong influence on the interactions of heparin–thrombin and the binding of heparin and 
thrombin can be described by the relationship [81]:  
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log Kd, obs = log Kd(non-ionic) + α log [Na+],   (5) 
where α is related to the number of Na+ ions released upon charge-neutralization reaction 
between heparin and thrombin. The negatively charged sulfo/carboxyl groups on the heparin 
chains can form ion pairs with positively charged residues on thrombin. Initially, the repulsive 
energy of multiple negatively charged groups in heparin promotes the binding of Na+ to 
minimize these forces. When heparin binds thrombin, the positively charged residues interact at 
the anionic sites to result in the entropically favorable release of Na+ ions. However, there can 
also be a significant influence to the binding via H-bonding [111]. The energy of interaction 
therefore has contributions from the polyelectrolyte effect, H-bonding and hydrophobic 
interactions. To uncover the specific effect of NaCl on heparin–thrombin interaction at the 
molecular scale, DFS was applied to study the dissociation kinetics and energy profile under 
different NaCl concentrations (300 mM, 450 mM and 600 mM). The high salt concentration is 
used to demonstrate this polyelectrolyte effect. As previously shown in PBS (137 mM NaCl), 
rupture forces were acquired over a range of loading rates between ~10 nN/s and ~200 nN/s at 
different NaCl concentrations and plotted as a function of loading rates (Figure 2.10). It can be 
seen that increasing the NaCl concentration resulted in decreased rupture forces (raw data shown 
in Table 2.1). The strength of the heparin/thrombin complex therefore becomes weaker with an 
increase of salt concentration. Fitting the forces vs. loading rates reveals that the interactions are 
compatible with the single energy barrier model (Figure 2.10). The fitted dissociation kinetic 
parameters of the model are tabulated in Table 2.2 and the sketch of energy profile at different 
NaCl concentrations are shown in Figure 2.11. 
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Figure 2.10. Dynamic force spectroscopy at different salt concentrations. Loading rates were 
varied up to 105 pN/s at each salt concentration and a linear fit could be estimated that allowed 
calculation of koff, xB and ΔG. x-axis is presented in log10.  
 
Table 2.1. Rupture forces under different loading rates and solutions.   
 
Salt concentration Loading rates  
(nN/s) 
Mean rupture force 
(pN) 
PBS (137 mM) 
 
     11.1 
 
96 ± 2 
22.5 94 ± 1.8 
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  PBS (137 mM) 
33.3 106 ± 2.4 
50.6 102 ± 1.3 
55 106 ± 4.8 
125 117 ± 3.2 
285 139 ± 8.8 
 
 
 
  300 mM NaCl 
12.2 79 ± 2.4 
22.5 87 ± 2.3 
50.6 94 ± 1.7 
55 92 ± 1.8 
125 103 ± 3.9 
290 106 ± 4.2 
 
 
 
  450 mM NaCl 
12.2 70 ± 1.9 
22.7 77 ± 2.2 
50.6 86 ± 4.1 
55 87 ± 3.5 
125 102 ± 2.6 
230 112 ± 3.2 
290 132 ± 5.2 
 
 
 
   600 mM NaCl 
12.2 62 ± 1.2 
22.7 73 ± 1.5 
50.6 82 ± 1.6 
55 85 ± 2.1 
125 98 ± 4.1 
200 115 ± 2.3 
290 138 ± 3.9 
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Table 2.2. Dissociation kinetic parameters and energy profile of heparin/thrombin complex 
under different conditions. 
 
NaCl concentration koff  (s-1) ݔ஻ (nm) ΔG (݇஻ܶ) 
PBS (137 mM) 0.04 0.46 32.8 
300 mM  0.37 0.42 30.45 
450 mM  7.6 0.28 27.42 
600 mM  22.96 0.23 26.32 
 
 
Figure 2.11. Sketches of energy landscapes show intermolecular potential of the 
heparin/thrombin interactions in PBS with increasing NaCl concentration. The positions of 
energy barrier together with the height of thermal energies are derived from the linear fit of the 
dynamic force spectroscopy data. For example, in PBS (black), the xB and the ΔG are calculated 
to be 4.6Å and 32.8݇஻ܶ. These parameters characterizing energy landscapes under different 
conditions are also summarized in Table 2.2. The energy landscapes showed that both the 
position (Inset) and the height of the interaction energy barrier shifted toward lower values with 
the increase in NaCl concentration.  
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The force-spectroscopy results show the predicted (Eq. 5) linear log-dependence in the off-rates 
vs. [Na+]. The logarithm of the observed koff for the heparin–thrombin interaction is directly 
proportional to log [Na+] in buffer (Figure 2.8B). Remarkably, the linear fit of the data reveals a 
slope of 4.6, which is very close to the earlier reported regression fit of 4.8 obtained via 
fluorescence titrations [81]. This implies that 4-5 ionic interactions are involved in the heparin-
thrombin interaction. It can be seen that as the [Na+] increases, the contribution of the 
polyelectrolyte decreases. Extrapolating this dependence indicates that  the binding reflects 
complete contribution of the non-polyelectrolyte binding at 1.1M salts, which is close to the ideal 
value of 1 M according to Eq. 1. Indeed, as observed from the energy barrier, an increase in salt 
concentration is manifested by a shift in the energy landscape(decrease in xt and ΔG, Figure 
2.11). As the double log koff – [Na+] profile is linear, it must imply that the kon is invariant across 
the range of [Na+]. This result is similar to an earlier DFS study of integrin/ fibronectin 
interactions [112]. As shown, the energy barrier operates at lower, physiologically relevant 
forces, which make them more sensitive to the molecular structure or environmental changes.  
The energy barrier ΔG decreases as expected with an increase in [Na+], implying that, at a 
sufficiently high salt concentration, the off-rate is driven by non-ionic interaction. The energy 
barrier of the heparin – thrombin reaction is kinetically invisible but mechanistically significant. 
From a loading rate perspective, a shift to lower xt and ΔG is also observed at faster loading rates. 
These results therefore show that at higher loading, the nonionic forces between heparin and 
thrombin, which are highly directional in comparison to ionic forces, can be expected to “orient” 
the thrombin molecule on the heparin chain. Once initiated and established at higher flows, 
electrostatic forces facilitate the movement of thrombin toward antithrombin along the heparin 
chain. One can predict that the initial “orientation” is such that it favors the formation of the 
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(eventual) productive antithrombin – thrombin complex. A recent computational analysis 
predicts the occurrence of weak nonionic forces in heparin-thrombin interaction supporting the 
above conclusion [113]. 
This analysis revealed that the stability of the heparin/thrombin complex is suppressed by higher 
salt concentration. This conclusion is consistent with the theory of protein–polyelectrolyte 
interactions, in which the binding of the complex is reduced with increase ionic strength, due to 
the screening of electrostatic attractions [114]. Within this framework, the binding of thrombin to 
heparin in the presence of monovalent cation can be regarded as an ion exchange-type process 
involving the stoichiometric release of bound counter-ions from negatively charged groups on 
the heparin polyelectrolyte chain. The binding of thrombin to heparin is therefore not favored 
when the Na+ concentration is elevated due to the unfavorable release of Na+ ions from the 
polysaccharide into a salt solution [115]. Earlier molecular simulations of heparin–FX06 
interaction showed that the electrostatic interaction between heparin and the positively charged 
FX06 residues was the main contributor for lowering the Gibbs free energy and stabilizing the 
complex [116]. FX06 is a peptide fragment from fibrin, and its interaction with heparin is closely 
related to endothelial cell adhesion, spreading and proliferation [117]. Such detailed information 
can typically not be extracted from bulk kinetic measurements. The single-molecule force 
spectroscopy study therefore uncovers the nature of the biophysical interactions and helps 
explains the operation of this fundamental biochemical process. 
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2.4 Conclusions 
 
In this chapter, a molecular approach was shown to investigate the nature of the heparin-
thrombin interaction using AFM-based force spectroscopy and uncover the contributions of the 
electrostatic and non-ionic contributors to this interaction. As critical components of the blood 
coagulation cascade, it is important to elucidate these interactions. Here, the focuses are 
developing a protein-resistant and GAG-functionalized surface for measuring interactions in 
different liquid environments using dynamic force spectroscopy. The versatile heparin conjugate 
synthesized here is key to covalent immobilization to Au surfaces, and can be widely applied to 
several types of interaction analyses and investigations. By changing the NaCl concentration, it 
was shown that the heparin–thrombin complexes are less stable with increase of NaCl 
concentration, implying that electrostatic components are the primary contributor to the energy 
landscape of the heparin/thrombin interaction. In AFM-FS, the dependence of binding on the 
interaction time (time of thrombin-attached tip contacting with a heparin functionalized-surface) 
can be used to roughly estimate the association rate constant kon, whereby the dissociation 
constant Koff (koff/kon)could be determined [46]. The platform developed in this study coupled 
with heparin-modified tip (heparin-PEG-SH on gold coated cantilever) also shows the potential 
to detect interactions with multiple coagulation related proteins (including factor Xa, factor XIa 
and antithrombin) and elucidate molecular mechanism of blood (anti) coagulation.  These 
insights into the heparin-thrombin interaction from a force and energy viewpoint at the single 
molecule scale can provide better understanding of the mechanisms of blood (anti)coagulation 
under applied force or flow conditions. Furthermore, this chapter builds an AFM platform to 
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study the single pair molecular interactions and facilitates subsequent AFM-based single 
molecules detection and mapping on various surfaces. 
 
[This chapter contains results that have been previously published in:  
Wang C, Jin Y, Desai UR, Yadavalli VK, “Investigation of the heparin-thrombin interaction 
by dynamic force spectroscopy,” Biochimica et Biophysica Acta, 1850, 1099-1106, June 2015.] 
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CHAPTER 3 
FORCE RECOGNITION MAPPING OF PROTEINS ON MIXED SELF-ASSEMBLED 
MONOLAYER SURFACES 
 
 
3.1 Introduction 
 
As discussed in the previous chapters, AFM is a powerful tool for high precision imaging and 
sophisticated biophysical investigations [85, 86]. More importantly, due to simple and rapid 
sample preparation and the ability to manipulate individual molecules, AFM-FS has been used to 
study various biomolecular systems, including antigen/antibody [118], 
glycoproteins/carbohydrates [119], integrin/fibronectin [120] and DNA/peptides [121]. These 
investigations have revealed insights into fundamental biological and biochemical processes, and 
enabled the development of tools including biosensors and bio-analytical devices [122]. In this 
chapter, based on the AFM-FS and single molecular approaches, development of techniques to 
spatially recognize target biomolecules (specific proteins) on model surfaces using single-pair 
biomolecular interactions are reported. 
One of the important challenges in using the AFM is that it is generally unable to distinguish 
between different or similarly shaped objects of disparate chemical nature based on the 
topographical image alone. For instance, it is extremely challenging to detect a transmembrane 
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protein embedded in the cell membrane from topography imaging alone. Consequently, there is a 
clear need to develop methods to spatially probe and identify biomolecules on biosurfaces based 
on their bioactivity or even their interactions. A recent enhancement to the AFM toolkit has been 
the integration of imaging and force spectroscopy to facilitate multidimensional data collection 
about a system. It is now possible to record the adhesion force between the AFM tip and a 
surface during scanning. Thus, information on topography may be obtained in conjunction with 
mechanical stiffness or elasticity, or coupled with adhesive forces and other measures of 
interaction. This powerful enhancement has been adapted for applications including the detection 
and localization of specific molecular recognition events, as well as for simultaneous topography 
and force recognition imaging of specific receptors on complex surfaces [34, 35]. Several studies 
have shown that both structure and function even on soft cell surfaces can be successfully 
characterized, and that specific proteins on the cell membrane can be localized [123, 124].  
Two strategies are adopted in this integrated imaging and force spectroscopy modality. The first 
collects the maximum adhesion in addition to z-height at each point during the retraction of the 
force scan. While this mode of data collection leads to faster analysis, it often requires the use of 
special hardware [125]. A second technique called “adhesion force recognition mapping” 
(AFRM) using biomolecular interaction forces, has been developed from AFM-FS. This allows 
the detection of targets or recognition sites on biosurfaces with piconewton force sensitivity and 
nanometer spatial resolution without the use of supplementary hardware [12, 126, 127]. An array 
of force curves on an area is collected with a biofunctionalized AFM tip. The unbinding forces of 
all force-distance traces can then be combined with their corresponding surface coordinates, 
allowing display in the form of a “map”, simultaneously showing the position of specific 
biomolecules and their adhesion. Using the force interaction data, it is then possible to pinpoint 
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specific molecules on surfaces [12, 128].  
Typically, antibodies have been the commonly used biomolecules for functionalizing AFM tips 
owing to their specificity to various targets [37-40]. However, there are two primary 
disadvantages of using antibodies as bio-probes, especially for combination imaging and force 
spectroscopy. First, antibodies are relatively large and their structures tend to expand the AFM 
tip, compromising spatial resolution. Second, controlling the orientation of the antibody attached 
to the tip is difficult owing to the number of available surface lysines [129]. There is therefore a 
great need to find other biomolecules capable of functioning as bio-probes for AFRM.  An 
attractive alternative is presented by the use of aptamers: small, stem-loop single-stranded 
synthetic DNA/RNA oligonucleotides, whose affinity and specificity is comparable to those of 
antibodies towards their targets. Aptamers are selected by an evolutionary selection process, 
which allows the synthetic creation of sequences with exquisite recognition to a wide variety of 
targets including proteins and small molecules [41, 42]. In contrast to antibodies, aptamers are 
small and chemically stable. Moreover, commercially customized aptamers can be modified with 
functional groups at their ends, facilitating easy attachment to AFM tips. For instance, a thiol 
functionalized aptamer can attach to a gold-coated tip via Au-S covalent bonds with a 
controllable orientation. Various groups including our group have previously demonstrated the 
usefulness of aptamers for single molecule biophysical studies [130-132].  
To date however, only a few studies have focused on spatial localization or surface mapping 
using aptamers as the bio-probes. Lin et al. [133] performed AFM-based “dynamic recognition 
imaging” of IgE molecules attached to a mica substrate using its DNA aptamer. However, this 
recognition mapping required specialized hardware. Boyd et al. [134] mapped the placement of 
oligonucleotides on a surface using complementary oligonucleotides. However, the ability of 
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aptamers to be used as bio-probes applied in the adhesion force recognition mapping strategy for 
the detection of single molecules on surfaces with demonstrated specificity and selectivity 
remains unanswered. Here, aptamers as ultrasensitive molecular recognition elements is 
demonstrated, and how surfaces may be mapped using AFRM to locate and identify target 
molecules is shown. Specifically, DNA aptamers are used as versatile bio-probes to enable 
adhesion force mapping of proteins at the molecular level. Two different pairwise systems are 
demonstrated in this mapping system - human α-thrombin with its DNA aptamer, and vascular 
endothelial growth factor (VEGF165) and its DNA aptamer. The choice of these two structurally 
distinct proteins is dictated by their importance in glycan chemistry and the coagulation process. 
Heparin binds to the anion-binding exosite on human α-thrombin [135, 136], and VEGF165 also 
contains a heparin binding domain [137]. This allows to simultaneously investigate their 
response to external heparin in solution.   
The capability of spatially and temporally localizing specific binding sites on the surface via 
simultaneous topographic and force information provides unique advantages. The consistency 
between the spatial and force map shows that aptamers are valuable potential tools for the 
detection of specific target molecules on biosurfaces at an ultrasensitive level. In addition, it is 
possible to visualize real-time changes in interactions as external environmental conditions are 
altered. Combined with different immobilization strategies or nanografting lithography, different 
interactions can be detected in specific regions with high lateral resolution at the nanoscale, 
thereby providing a high-throughput technique to study aptamer or protein arrays or for 
screening molecules of interest on complex (cell) surfaces.  
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3.2 Experimental section 
 
3.2.1. Materials and instrumentation 
(1-Mercaptoundec-11-yl) hexaethylene glycol (Oligoethylene glycol (OEG) terminated thiol), 
HS-C11-(EG)6OH, and (1-mercaptohexadecanoic acid)-N-succinimidyl ester (NHS terminated 
thiol), HS-C15COO-NHS, were purchased from Asemblon Inc. (Redmond, WA) and 
Nanoscience Instruments Inc (Phoenix, AZ) respectively. Phosphate-buffered saline (PBS pH 
7.4) (11.9 mM phosphates, 137 mM sodium chloride and 2.7 mM potassium chloride) and 
Ethanol (200-proof) were purchased from Fisher Scientific. Molecular Biology Grade DNase 
free water (Fisher Scientific, Pittsburgh, PA) was used for all experiments.  Gold surfaces were 
purchased from Agilent Technologies, Inc. (Foster City, CA). Gold coated PPP-CONTCSAu 
cantilevers from Nanosensors (Neuchatel, Switzerland) and AC240TS cantilevers from Asylum 
Research (Santa Barbara, CA) were used for force measurement and imaging respectively. DNA 
aptamers with a 5′-dithiol S-S modifier and a (CH2)6 spacer with RNase free HPLC purification 
(Table 3.1) were custom synthesized by Integrated DNA Technologies Inc (Coralville, IA). 
Human α-thrombin was purchased from Hematologic Technologies Inc (Essex Junction, VT). 
VEGF165 was purchased from BioVision Inc (San Francisco, CA). Heparin sodium salt  was 
purchased from Sigma-Aldrich Inc (St. Louis, MO). 
Table 3.1. Sequences of the aptamers used in this study. 
Identification Sequence 
thrombin aptamer [138] 5′ - TTTTGGTTGGTGTGGTTGG -3′ 
VEGF165 aptamer [139]  5′ - CCGTCTTCCAGACAAGAGTGCAGGG-3′ 
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3.2.2. Functionalized substrate and probe preparation 
Gold surfaces were rinsed with ethanol several times prior to formation of the mixed self-
assembled monolayers (SAMs). Functionalized SAMs were prepared as described earlier [87]. 
Freshly cleaned gold surfaces were incubated in a 1mM mixed thiol solution in ethanol for 20 
hours at room temperature. The molar ratio of the NHS thiol to the OEG thiol was kept at 
1:10000 to obtain sparse distribution of binding sites for protein immobilization. After formation 
of the mixed SAM, the surfaces were washed with ethanol, and incubated in a 5.5 nM solution of 
human α-thrombin or13 nM solution of VEGF165 in PBS buffer for 1 hour at room temperature. 
Following incubation, the surfaces were washed with PBS buffer to remove any unattached 
protein, and placed in a fluid cell containing 500 µl of PBS for AFM imaging and force mapping. 
Gold coated cantilevers (PPP-CONTCSAu) were incubated with 5 μM 5´-thiol modified human 
α-thrombin DNA aptamer or the VEGF165 aptamer in PBS buffer for 1 hour to obtain aptamer-
functionalized AFM tips.  
 
3.2.3. AFM imaging of surfaces and force mapping 
Spring constants of functionalized cantilevers were measured using the thermal fluctuation 
method [88]. AC240TS cantilever (spring constant ~2 N/m, resonance frequency 70 kHz) were 
cleaned using high-intensity UV light to remove organic contamination and used for imaging and 
characterization of the surfaces in non contact mode. Subsequently, Au-coated cantilevers 
(spring constant ~0.2 N/m, resonance frequency 24 kHz) functionalized with the DNA aptamers 
were used to map the surfaces with attached protein and obtain adhesion data. Each experiment 
was repeated at least 3 times to demonstrate reproducibility. For instance, three different 
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aptamer-functionalized tips were used to map three different thrombin surfaces. The surface 
traces shown are representative results from one experiment. In contrast to conventional force-
distance collection, a strategy of force mapping was used for these experiments. Regions 
containing protein molecules were identified prior to force mapping by non-contact imaging. 
Force-distance curves were obtained by moving the tip to these locations and collecting a series 
of sequential force curves in an m×n grid. Each force curve was obtained at the same loading rate 
(200 nN/s) by pressing the cantilever to a low trigger point (300 pN), allowing binding to occur, 
and then retracting.  
All force maps were obtained by collecting 50×50 force curves over a defined area (500 nm×500 
nm), estimating the unbinding force values, and displaying these values by scale of color. The 
height maps of the same area were generated simultaneously as the force mapping occurred. 
Blocking experiments were performed by a buffer exchange of PBS containing 5μg/ml heparin 
in the fluid cell followed by force mapping. As control experiments, a thrombin DNA aptamer-
modified tip was used to map the VEGF165 attached surface. Inversely, a VEGF165 DNA aptamer-
modified tip was used to map a surface with attached thrombin. All procedures including the 
overlays of height map and force map were performed using custom routines in Igor Pro 6.22 A 
(Wavemetrics Inc, OR). Force curves were analyzed automatically using a custom written 
“Pulloff Program” which allowed for very fast processing of data.  
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3.3 Results and Discussion 
 
The key requirement of force spectroscopy lies in the immobilization of biomolecules on 
surfaces with appropriate distribution and orientation [130, 140]. A direct approach to confirm 
immobilization is to image the surfaces before and after the process at high spatial resolution and 
under physiological conditions [141]. However, often, the topography is not enough to verify the 
biomolecules themselves, their bioactivity or their interactions. Here, the exquisite molecular 
recognition of aptamer “chemical antibodies” against protein targets via attachment to AFM 
cantilevers are utilized to spatially identify specific targets. While the use of aptamers to 
“recognize” surface proteins was shown earlier [133], here a more facile technique is reported. 
This method allows mapping of a surface coupling the chemical sensitivity of the aptamer with a 
high spatial resolution and does not require specialized hardware. This strategy follows the force 
recognition mapping strategy discussed above, wherein the surface is scanned with a specific 
aptamer. The binding of the aptamer to its target is indicated by small changes in the pattern of 
oscillation as the probe is scanned over the surface [133, 142]. A large number of force-distance 
curves can be rapidly collected over a specified area, and a map of these adhesion/rupture forces 
(a force volume map), superimposed on the topographic image indicates where the targets are 
located. In these experiments, the interactions of aptamers against surfaces populated with their 
targets as well as surfaces populated with different targets are studied to demonstrate their 
specificity. Also, how binding events attenuated by blocking for instance, result in different force 
maps, clearly show how real-time processes can be tracked on biosurfaces.   
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3.3.1 Mixed self-assembled monolayers on gold surface and immobilization of human α-
thrombin and VEGF165 
Mixed self-assembled monolayers (SAMs) synthesized via co-adsorption from solutions 
containing mixtures of thiols have been demonstrated as a useful platform for the study of single 
proteins by incorporating properties from different thiol molecular species [36]. In this study, a 
mixed thiol system consisting of two thiols- OEG-terminated thiol, along with an NHS-
terminated thiol was used to covalently immobilize single proteins on gold. The OEG-terminated 
thiols resist protein adsorption, while the sparsely distributed NHS-terminated thiol act as 
reactive sites for lysine residues on proteins. The surface prior to protein immobilization did not 
show any particles or clusters, thereby verifying the flatness and uniformity of the mixed SAM 
(Figure 3.2a). Figure 3.1a shows a non-contact AFM image of the mixed SAM surface after 
incubating in human α-thrombin. The particle features indicate that the proteins are immobilized 
on the mixed SAM successfully. A control experiment was conducted to verify that the proteins 
were immobilized by the NHS-terminated thiol. Figure 3.2b shows AFM image of a gold surface 
with only OEG-terminated thiol after incubation with thrombin as a representative protein. In 
contrast to the mixed thiol surface, the OEG-terminated thiol surface did not show any particles 
after protein incubation, implying the proteins on mixed thiol surface were immobilized by NHS 
end groups of thiol. The well separated single proteins also show that the OEG-terminated thiols 
further provide an inert background to decrease nonspecific protein adhesion, making the surface 
amenable to biophysical analyses.  
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Figure 3.1. AFM images of the two surfaces investigated in this study. Both proteins are 
chemically attached to a mixed self-assembled monolayer. (a) Surface with immobilized 
thrombin molecules. (b) Surface with immobilized VEGF165 molecules. The image is shown at a 
higher concentration than (a) to demonstrate the ability to control distribution of surface proteins. 
Height profiles below show single protein molecules on the gold terraces. 
 
Figure 3.2. AFM images of the three surfaces investigated in this study. (a) Surface of mixed 
thiol self-assembled monolayer (OGE-terminated thiol and NHS-terminated thiol) prior to 
protein incubation . (b) Surface of OEG-terminated thiol after protein incubation and washing. 
(c) Mixed thiol self-assembled monolayer surface with immobilized thrombin molecules 
(thrombin concentration 18 nM). 
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Figure 3.1b shows a non-contact AFM image of mixed-SAM surface modified with attached 
VEGF165. As expected, the morphology of the VEGF165 surface is homogeneous and stable 
during repeated AFM scanning. The protein concentration is a critical parameter for protein 
immobilization and is controllable. In initial experiments, higher protein concentration were 
observed to lead to higher protein densities on mixed SAM surface (Figure 3.2 c). As reported, a 
higher particle density observed is due to a higher starting concentration of VEGF165. The 
distribution of height values observed, results from the different lysine binding sites on proteins 
resulting in different configurations of immobilized proteins. From an analysis of their structure, 
VEGF165 (pdb: 2VPF) and human α-thrombin (pdb: 1HAP) monomer contain 12 and 21 lysine 
residues respectively, which are almost evenly distributed on each surface [143]. Therefore, the 
proteins may be immobilized by their lysine residues at different locations in a variety of 
conﬁgurations. The height values shown in the VEGF165 line profile, ranging from 4-8 nm are 
further consistent with dimensions obtained using X-ray crystallography (4.5×6.8×8.6 nm) [144]. 
Similarly, line profiles for thrombin surfaces show feature heights around 4 nm, corresponding 
well with X-ray crystallography data (4.5×4.5×5.0 nm) [145]. For both proteins, the width and 
length dimensions are slightly larger owing to the expected tip-broadening effect, whereby the 
convolution of the AFM tip tends to give an overestimation of particle size [146]. In these 
experiments, the use of sharp tips reduces this disparity. It is noted that while different 
approaches can orient proteins, many of them involve several modification steps [12, 147]. Here, 
use of a facile and established mixed SAM linking strategy results in a low background and well-
separated molecules of thrombin and VEGF165. Further, by using flexible spacers attached to 
aptamers and conducting statistical analysis of several hundred force curves, the effect of 
inhomogeneous protein orientation is minimized in our experiments [84].  
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3.3.2 Force mapping on protein-attached surfaces by aptamers 
Subsequent to imaging, force mapping was conducted with the cantilever functionalized with 
thiol modified DNA aptamers. Figure 3.3 shows a surface with VEGF165 probed using a VEGF165 
DNA aptamer. It is important to note that the height map and force recognition map are obtained 
simultaneously on the same area allowing overlay as shown. Excellent correspondence can be 
observed between the molecules in the height map and a simultaneous increase of the adhesion 
force at the same positions. The low adhesion background forces indicates that OEG-terminated 
SAM is able to decrease the nonspecific tip-surface interactions, critical for the accuracy of force 
recognition mapping. To verify the applicability of force recognition mapping strategy used as a 
general tool, a second system involving human α-thrombin and its specific DNA aptamer was 
studied by the same approach. Figure 3.4 shows a uniform distribution of the thrombin, wherein, 
features observable in the height map also reveal a correspondingly strong adhesion. The good 
correlation between the force map and height map provides a clear evidence that the force 
recognition mapping could be a valuable tool to detect single proteins on surfaces via the specific 
interactions of proteins and their pairwise DNA aptamers. The low adhesion force background 
on other areas further demonstrates mixed-SAMs as a reliable platform to reduce the nonspecific 
adsorption of proteins and study them individually.  
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Figure 3.3. Surface maps showing simultaneous height and interaction. VEGF165 is immobilized 
on a surface probed with a VEGF165 aptamer. Overlay of the adhesion force on the height 
indicates the proteins correlate well with higher adhesion force areas (marked by black arrows). 
Some blue spots reflecting non-specific adhesion are seen on the surface. 
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Figure 3.4 Surface maps showing simultaneous height and interaction. Thrombin is immobilized 
on a surface probed with a thrombin aptamer. Overlay of the adhesion force on the height 
indicates the proteins correlate well with higher adhesion force areas (marked by black arrows). 
Some blue spots reflecting non-specific adhesion are seen on the surface. 
 
Some earlier works have also shown the potential of adhesion force mapping for detecting 
specific recognition sites on biosurfaces. For instance, Andre et al. [148] performed adhesion 
force mapping on living Lactococcus lactis cells to detect specific peptidoglycans. The force 
maps combined with topographic images demonstrated the peptidoglycans were arranged as 
lines running parallel to the short cell axis. However, the height map and force map are obtained 
separately, which tends to be time-consuming and makes it difficult to evaluate the accuracy of 
the force mapping. One of significant advantages of the force recognition mapping strategy 
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described here is the simultaneous collection of both force and height data. This imaging 
modality allows overlay of the force map on the height map which clearly shows the locations of 
the proteins correlate well with areas showing higher adhesion forces (red areas). Consequently, 
it is easy to test the recognition accuracy from the overlay of height map and force map. As a 
quantitative measure of this accuracy, a “false hits” parameter is calculated, which is defined as 
the ratio of spots showing a high adhesion force with no corresponding topographic feature. The 
VEGF165-VEGF165 aptamer system (Figure 3.3) and the thrombin-thrombin aptamer system 
(Figure 3.4) showed 9% and 8% respectively of false hits. Overall, the different areas detected by 
the two aptamer functionalized probes showed <10% of false hits and >90% accuracy in finding 
correlations between adhesion and topographic features showing the high accuracy of force 
mapping approach used.  
Two control experiments were carried out to confirm the specificity of the pairwise aptamer-
protein interaction. This was checked by investigating each aptamer with the other protein. First, 
a cantilever with an attached thrombin DNA aptamer was used to probe a surface with attached 
VEGF165. While topographic features were captured, most of the high features in height map do 
not show corresponding high adhesion force in force map. Second, a cantilever with an attached 
VEGF165 DNA aptamer was used to probe a surface with attached thrombin. Similarly, most 
molecules do not give rise to corresponding adhesion areas on the same positions. In these 
control experiments, the accuracy of the surface probing was quantified by looking at the number 
of adhesion events that do not correspond to height features (false hit). The values of false hit for 
the VEGF165/thrombin DNA aptamer (Figure 3.5c and 3.5d)  and thrombin/VEGF165 DNA 
aptamer (Figure 3.6c and 3.6d) systems are 15% and 25% respectively. These numbers are 
somewhat higher because the adhesion forces here may be caused by some degree of non-
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specific charge interactions between negatively charged aptamers and the proteins, which are not 
due to the sequence-specific interactions, consistent with earlier reports [149]. However, overall 
across our experiments and the controls, the excellent correlations between height and force map 
show a high degree of sequence-specific interactions between the proteins and its pairwise 
aptamers. Given the availability of specific DNA aptamers for a variety of targets, this increases 
the versatility of this technique for high efficiency and high accuracy force recognition mapping.   
 
 
Figure 3.5. Simultaneous height (a,c and e) and adhesion maps (b, d and f) for the VEGF165 
studied with its corresponding DNA aptamer. (a)(b) Height map and adhesion force map of 
VEGF165 probed with VEGF165 DNA aptamer. (c)(d) Control experiment: Height map and 
adhesion force map of VEGF165 probed with thrombin DNA aptamer. (e)(f) Blocking 
experiment: height map and adhesion force map of VEGF165 probed with VEGF165 DNA aptamer 
in the presence of free heparin that blocks DNA binding sites.  
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Figire 3.6. Simultaneous height (a,c and e) and adhesion maps (b, d and f) for the thrombin on a 
surface studied with its corresponding DNA aptamer. (a)(b) Height map and adhesion force map 
of thrombin probed with thrombin DNA aptamer. (c)(d) Control experiment: Height map and 
adhesion force map of thrombin probed with VEGF165 DNA aptamer. (e)(f) Blocking 
experiment: height map and adhesion force map of thrombin probed with thrombin DNA 
aptamer in the presence of free heparin that blocks DNA binding sites. 
 
3.3.3 Force analysis in force recognition mapping 
The AFRM approach not only provides a visual representation of the spatial location of 
interactions but also a quantitative picture of the pairwise interactions. In these experiments, 
2500 curves were collected over a 500 nm2 surface area. Force curves were analyzed 
automatically using a custom algorithm that can rapidly process data to differentiate the specific 
binding and non-specific interaction and determine the values of binding forces. Typical AFM 
force–distance curves (retraction traces) obtained in the experiments are shown in Figure 3.7. As 
expected, no adhesion forces are observed when the tip encounters the OEG SAM (background) 
surface. Curves classified as specific binding events are manifested in a cantilever deflection 
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observed as a non-linear delayed retraction curve with a different slope as that of the contact 
region [102].   
 
 
Figure 3.7. Typical AFM force–distance curves (retraction traces) obtained in the experiments: 
(A) No tip surface adhesion when the tip encounters the OEG SAM on the surface (B) typical 
selected traces indicating a molecular recognition event and (C) few traces showed a non-
specific adhesion force in control experiments (thrombin/VEGF aptamer or VEGF/thrombin 
aptamer).  
 
The force distribution histogram for VEGF165 and its aptamer at a loading rate of 200 nN/s is 
shown in Figure 3.8A. The distribution of the rupture force between the VEGF165 and its aptamer 
shows a clear single peak at 99.0±4.3 pN. The absence of higher force peaks further confirms a 
single pair recognition between VEGF165 and its aptamer. Similarly, the distribution of the 
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rupture force between the thrombin and its aptamer shows a single peak at 82.5±2.5 pN (Figure 
3.9). The typical rupture force values of both systems are 90.0±10 pN at a loading rate of 200 
nN/s, consistent with our previously reported values [84]. The rupture force between VEGF165 
and its RNA aptamer is around 100 pN at the loading rate from 25 nN/s to 270 nN/s. Jiang et al. 
[150] measured the adhesion force between IgE and its aptamer using AFM-based force 
spectrocopy. The rupture force of 160±29 pN at the loading rate range from 80-210 nN/s is at a 
comparable order of magnitude with our results. This level of specific adhesion force is also well 
within the range of 35-165 pN that has been reported as the estimated range of force required to 
rupture a single antigen-antibody complex [118], which implies that the DNA aptamer has a 
great potential to be a bioprobe with high selectivity and binding affinity.  In a recent study, the 
rupture force between a protein (protein tyrosine kinase 7) and both its aptamer and its antibody 
was measured using AFM-based force spectroscopy on cell surface [151]. The similar force 
values indicates that DNA aptamer interactions with proteins can be as robust as those of 
antibodies. However, the range of targets for aptamers, their chemical stability and small size 
offer distinct advantages. Overall, ~9% and 13% of the curves on thrombin and VEGF165 
attached surfaces showed binding events (Figure 3.8B). These low binding percentages, which 
result from the low protein concentration and mixed SAM strategy for separated protein 
immobilization, imply that the dominant events represent single protein-aptamer binding. 
 
 
 
66 
 
 
 
Figure 3.8. A: Histogram showing rupture force distributions for VEGF165 DNA aptamer 
interaction with VEGF165, and with heparin-blocked VEGF165 (n = 2500). The solid lines are the 
Gaussian ﬁts for VEGF165 aptamer with VEGF165 (red) and VEGF165 aptamer withVEGF165 
blocked with heparin (blue). The loading rate was maintained at 200 nN/s. B: Analysis of the 
rupture forces showing binding percentages for experiments with aptamers and target proteins: a: 
Thrombin aptamer on AFM tip/ thrombin on surface; b: VEGF165 aptamer on AFM tip/ VEGF165 
on surface; c: Thrombin aptamer on AFM tip/ thrombin on surface blocked by heparin; d: 
VEGF165 aptamer on AFM tip/ VEGF165 on surface blocked with heparin. Blocking experiments 
showing the decrease of binding percentage in the presence of heparin. Binding percentage is 
defined as percentage of force curves showing binding events among 2500 force curves over a 
500 nm2 area. 
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Figure 3.9. Histogram showing rupture force distributions for thrombin DNA aptamer 
interaction with thrombin, and experiment with heparin-blocked thrombin. The solid lines are the 
Gaussian fits for thrombin aptamer with thrombin (red) (n=2500) and thrombin aptamer with 
thrombin blocked with heparin (blue) (n=2500). The loading rate was maintained at 200 nN/s. 
 
It may be noted that, in addition to the adhesion mode described above, an AFM-based force 
mapping method termed “dynamic recognition imaging” has also emerged to identify 
recognition sites on bio-surfaces. Using a ligand functionalized AFM cantilever oscillating on a 
sample surface, receptors are detected due to a reduction in the oscillation amplitude when 
specific binding events occur [128, 152, 153]. The force maps generated by this approach tend to 
have higher spatial and time resolution compared to adhesion force mapping described in this 
manuscript. However, unlike the AFRM approach, quantitative force values cannot be obtained 
directly using dynamic recognition. There have been some studies utilizing techniques such as 
fluorescence microscopy in conjunction with dynamic recognition, to detect the location of 
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recognition sites on cell surface. However, this has to be followed by conventional AFM-based 
force spectroscopy to obtain quantitative force information [40, 154-157]. In contrast, our 
approach enables us to obtain the adhesion force values during the force mapping process. This 
has further implications when it comes to investigating complex surfaces or even studying real-
time changes in the microenvironment.  
 
3.3.4 Blocking with free heparin 
Both heparin and the human α-thrombin DNA aptamer bind to the anion-binding exosite on 
human α-thrombin [135, 136].  VEGF165 also contains a heparin binding domain crucial for its 
DNA aptamer to bind [137].  To confirm the specificity between proteins and their 
corresponding DNA aptamers, and to demonstrate the ability to visualize the real-time effect of 
changes in the system, blocking experiments were conducted by adding free heparin to the 
aqueous microenvironment. In both the human α-thrombin and VEGF165 systems, surfaces were 
mapped pior to and after the addition of heparin. Figure 3.10 shows the force recognition 
mapping of VEGF165 attached surface by VEGF165 DNA aptamer in the presence of heparin. The 
height map shows well separated high features, while a significant decrease of high adhesion 
areas can be observed. Force analysis showed that both the binding percentages as well as 
magnitude of the rupture forces dropped significantly (Figure 3.8B). Similar changes in the force 
map could also be observed in the system of thrombin-thrombin DNA aptamer in the presence of 
heparin.Thus we can postulate that the presence of heparin binding to human α-thrombin and 
VEGF165 covered the available binding sites for their relevant DNA aptamers.  A few high 
adhesion areas may be observed due to nonspecific binding events between the tip and surface. 
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However, these are much lower in comparison to the recognition map in the absence of blocking, 
further verifying the specificity and versatility of the aptamer probe technique. These 
experiments show the potential of the force recognition mapping working in a complex medium 
in real time by adding exogenous substances to the microenvironments, which provides a better 
understanding of dynamic biological processes. As applications of such processes, we consider 
adhesion force maps showing that VEGF receptors on cell surfaces tend to concentrate toward 
cell boundaries and cluster rapidly after the addition of VEGF or the antibody of VEGFR [35]. 
Similarly, a recent report showed the binding kinetics between glyceraldehyde-3-phosphate 
dehydrogenase (GAPDH) and glyceraldehyde-3-phosphate (Gly-3-P) [158]. Adhesion force 
maps were obtained on the GAPDH-attached surface using an AFM cantilever functionalized 
with a Ras homologue. At various concentrations, the density of GAPDH decreased with the 
concentration of Gly-3-P, further allowing calculation of the thermodynamic association constant 
of GAPDH and Gly-3-P.  
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Figure 3.10. Control experiment showing attenuation in detection on blocking. Simultaneous 
height and adhesion maps for the VEGF165 protein probed with its corresponding DNA aptamer. 
However, here the surface was incubated with free heparin that blocks DNA binding sites. 
Protein features no longer show interactions (marked by black arrows). Infrequent non-specific 
interaction events with the protein may be observed (black circle).  
 
3.3.5 Resolution of force recognition mapping 
In addition to accuracy and specificity, the spatial resolution is another pivotal parameter of force 
mapping. Spatially smaller than antibodies, aptamer-functionalized cantilevers enable a higher 
spartial resolution. The spatial resolution of the force maps we obtained are accurate to 10 nm 
(2500 force curves collected over an area of 500 nm×500 nm).  Previous studies have indicated 
that this resolution is sufficient to detect specific biomolecules on static or cell surface using a 
biofunctionalized AFM tip [128, 148, 159, 160]. In this modality, the spatial resolution must be 
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balanced by the time of data collection. For instance, many biological processes may occur faster 
than the time required by AFM to collect force curves. Further, repeated force curves collections 
may damage the integrity and biofunctionality of a biofunctional tip. Thermal drift of the 
instrument in liquid environment may occur after a long period of time. As such, in our 
experiments, the robustness of the DNA aptamers enabled easy collection of several thousand 
force curves in a repeatable fashion. One complete force map could be obained in 40 minutes 
without any significant drift. While 10 nm is a reasonable lower limit to study single proteins by 
adhesion force mapping, certain systems may be studied at higher or lower resolutions as 
demanded by the implicated biology.  
 
 
3.4 Conclusions 
 
In this chapter, it is demonstrated that the location and distribution of proteins can be mapped 
using aptamer-based force recognition mapping. Aptamers are highly stable and versatile against 
different targets such as the ones shown - human α-thrombin and VEGF165 on mixed SAM 
surfaces. The non-contact mode images by AFM showed well-separated proteins on the surface, 
and the unbinding force values correlate well with single-pairwise interactions between the DNA 
aptamer and protein. The overlay of height and force data on the same areas showed strong 
adhesion forces on high features at a resolution down to 10 nm. The specificity of DNA aptamers 
to their targets was confirmed by heparin blocking and control experiments. These results 
demonstrate that DNA aptamers as bioprobes coupled with the force recognition mapping have 
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the capability to localize specific proteins at a single molecule level, as well as detect changes in 
binding due to environmental changes. Similarly, the interactions of diverse protein/ligands such 
as receptor/ligand [13], antigen/antibody [161] and carbohydrate/lectin [159] can also be used to 
detect target biomolecules on biosurfaces including cells. This technique provides applications in 
the area of screening biomolecules on arrays or directly observing the changes on complex cell 
surfaces due to external stimuli. 
 
[This chapter contains results that have been previously published in:  
Wang C, Yadavalli VK, “Spatial recognition and mapping of proteins using DNA aptamers,” 
Nanotechnology, 25, 455101, Oct 2014.] 
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CHAPTER 4 
SPATIAL MAPPING OF CELL-SURFACE TARGETS AND ASSESSMENT OF THEIR 
CHANGES AT THE SINGLE CELL LEVEL 
 
 
4.1 Introduction 
 
The research conducted in the previous chapters developed a powerful technique to spatially 
recognize target biomolecules on non-biological surfaces using single-pair biomolecular 
interactions. Translation of the “force recognition” techniques from non-biological surfaces to 
complex, living cell surfaces offers the opportunity to obtain spatial distribution of cell surface 
biomolecules in situ. Compared to model surfaces in previous chapters, soft cell surface is more 
complex since it is extremely challenging to detect a biomolecule embedded in the complex cell 
membrane from topography imaging alone. In this chapter, in order to investigate cell surfaces in 
physiological environments, proper strategies are developed for immobilizing cells in their native 
state. Optimization of the “force recognition” techniques involving the resolution and data 
collection time is necessary to adapt to complex cell surfaces. Here, B. cereus  is selected as a 
model system to study the spatial distribution of cell surface carbohydrates and quantitatively 
assess the changes among different cell types and strains, during a specific cellular process 
(sporulation) or under different micro-environments. This leads to visualization of targets of 
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interest and their changes on cell surfaces and the development of robust strategies for 
addressing specific cellular questions from nanoscale and single cell level. 
Carbohydrates are important components of bacterial cell surfaces, with their compositions 
displaying heterogeneity across strains [162]. Cell surface carbohydrates play important roles in 
various bacterial activities and functions, including adhesion on surfaces, molecular recognition, 
and providing defense mechanisms to guard against unfavorable environmental conditions [163-
165].  The examination of carbohydrate compositions of bacteria has been used for taxonomic 
differentiation, identification of different genera and types and strains of bacteria [166, 167], as 
well as reconstruction of culturing conditions [168]. The species and strain-specific compositions 
and related bacterial functions make carbohydrates excellent biomarkers to identify potential 
vaccine antigens, for diagnostics, as well as for elucidation of the molecular basis for bacterial 
virulence and pathogenicity. However, the knowledge of the organization of these cell surface 
polysaccharides is still limited.  
Members of the Bacillus cereus group including B. cereus, B. anthracis, and B. thuringiensis are 
genetically related species [169]. The characterization and profiling of these bacilli has great 
fundamental and applied importance. For instance, B. anthracis, the causative agent of anthrax, 
and B. cereus, a food-poisoning organism are two major pathogenic bacilli [170, 171]. Owing to 
their ability to form spores in response to nutrient deprivation conditions, the profiles of both 
vegetative cells and spores for these bacilli have been of great interest [172]. For instance, 
changes in the surface carbohydrate compositions on B. anthracis and B. cereus were 
investigated as surface biochemical markers for tracking the spore-forming process [173]. To 
date, several techniques have been applied to analyze the bacterial surface carbohydrate 
compositions, primarily involving the use of gas chromatography-mass spectrometry (GC-MS), 
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ion-exchange chromatography, gel chromatography and high-performance liquid 
chromatography (HPLC) [4, 174, 175]. However, these approaches require large populations of 
cells for analysis and extensive sample preparation using biochemical methods. For example, 
prior to GC-MS analysis, two steps are necessary: chemical extraction and release of 
carbohydrates from the cell walls, followed by various derivatization methods [166, 172, 176, 
177]. While some chromatography techniques are able to separate the native carbohydrates 
without requiring derivatization, additional mass spectral information is required for compound 
identification [178, 179].  
Critically, however, these techniques as bulk scale tools are unable to directly clarify the density 
and distribution of specific carbohydrates on single, living cell surfaces at the micro or 
nanoscale. The high sampling requirement for conventional carbohydrate analyses has limited 
utility on many types of environmental samples or in situ applications with a low target cell 
population. In particular, a prevailing challenge is in the area of determining the spatial location 
of carbohydrates on the cell wall [172]. Descriptions of cell wall carbohydrates can be useful for 
strain classification and development of diagnostic and vaccine applications. This emphasizes the 
real need to develop a facile, fast and versatile platform to quantify the bacterial cell surface 
carbohydrate compositions at the single cell level, which can in turn, provide new insights into 
the biochemical properties of these bacteria.  
Atomic force microscopy (AFM) has rapidly emerged as an important tool widely used over the 
last couple of decades in bacterial research [71, 72, 180]. The unique advantage of the AFM is 
the ability not only to characterize cellular surfaces with nanoscale resolution and three 
dimensional imaging, but also measure inter- and intra-molecular interaction forces with 
piconewton sensitivity [7-9]. Using biomolecule modified AFM tips as probes, interaction forces 
76 
 
between tip-bound ligands and cognate surface-bound receptors (or vice-versa) can be measured 
[10]. In recent years, the process of collecting such force data has been further expanded with the 
advent of automated scanning modes that allow us to rapidly obtain spatial distributions of 
interaction forces and elasticity [11-13]. Importantly, bacterial samples for AFM can directly 
investigate live cells under near physiological environments in a non-destructive fashion. Elegant 
work from the Dufrêne laboratory has shown the versatility of this technique for detecting 
specific biomarkers on different kinds of cell surfaces [148, 181, 182]. An excellent review by 
the same group summarized the application of AFM based multiparametric mapping technique in 
cellular systems [57]. However, to date, most studies have observed localized areas on cell 
surfaces (typically below 0.5 μm ×0.5 μm) rather than the entire cell surfaces.  
In this chapter, in order to demonstrate a whole cell profiling strategy, B. cereus (T-strain) is 
used as a model bacterium to investigate bacterial cell surfaces and spatially map specific 
carbohydrate profiles using AFM-based recognition mapping. B. cereus is an important concern 
in the food industry and it also shares a genetic and structural similarity with the more virulent B. 
anthracis, the causative agent for anthrax [10]. Using two specific  carbohydrate binding lectins, 
wheat germ agglutinin (WGA) and concanavalin A (ConA) as probes, it is shown that the 
carbohydrates - N-acetylglucosamine (GlcNAc) and glucose/mannose (Glu/Man) can be 
detected, mapped, and quantified on single entire bacterial cell surfaces at the nanoscale. The 
choice of these targets was dictated by several studies showing the heterogeneity and changes in 
aminosugar and simple sugars across different strains and species, making them critical targets 
for profiling [162, 168, 172, 173]. It is shown that these carbohydrates can be measured in both 
vegetative and spore states in liquid environments. The cell profiles in height maps show good 
consistency with high adhesion force signals in force maps and vitally, show a change from the 
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vegetative to the spore state. Additionally, the morphological and mechanical (elasticity) changes 
of Bacillus cereus bacteria during sporulation demonstrates the power of AFM applied in 
microbiology for multi-parametrically probing important biological processes at the single cell 
scale. Directly probing the cell surfaces can result in real time analysis and the ability to observe 
the effect of external microenvironments at a single cell level. This work demonstrates AFM-
based “recognition force mapping” as a versatile platform to quantitatively detect and map the 
bacterial surface biomarkers (such as carbohydrate compositions) and monitor the changes of 
surface biochemical properties during bacterial related activities at the single cell level.  
 
 
4.2 Experimental Section 
 
4.2.1 Materials and instrumentation 
(1-Mercaptoundec-11-yl) hexaethylene glycol (Oligoethylene glycol (OEG) terminated thiol), 
HS-C11-(EG)6OH, and (1-mercaptohexadecanoic acid)-N-succinimidyl ester (NHS terminated 
thiol), HS-C15COO-NHS, were purchased from Nanocs Inc (Boston, MA). Wheat germ 
agglutinin (WGA), concanavalin A (ConA), 3 aminopropyltriethoxysilane (APTES) and 
glutaraldehyde were purchased from Sigma-Aldrich (St. Louis, MO). Phosphate-buffered saline 
(PBS pH 7.4) (11.9 mM phosphates, 137 mM sodium chloride and 2.7 mM potassium chloride) 
and ethanol (200-proof) were purchased from Fisher Scientific. Mica was purchased from Ted 
Pella (Redding, CA). Ultrapure water (resistivity 18.2 MΩ•cm) was obtained from a MilliQ 
water purification system (Millipore Scientific, MA). AC240TS cantilevers (Olympus) were 
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used for non-contact mode imaging, while gold coated TR800PB cantilevers (Olympus) were 
used for force mapping.  
 
4.2.2 Cell culture and sporulation conditions 
Cultures of vegetative B. cereus (T-strain) were maintained at 30°C on Trypticase Soy Agar 
(TSA) (30 g Trypticase soy broth, (211768, Becton Dickinson, Franklin Lakes, NJ) and 15 g 
agar (AB1185, American BioAnalytical, Natick, MA)). Starter cultures were grown by 
inoculating single colonies of B. cereus into 125 mL of Trypticase soy broth and incubating for 
24 hours at 30°C and 225 rpm. G Medium was used as the base sporulation formulation [183],  
and supplemented with peptone (BP9725, Fisher Scientific, Pittsburgh, PA) and tryptone (61184, 
Acros Organics, Waltham, MA)) (both at 8 g/L). Sporulation was performed by adding 1 mL of 
starter culture into 250 mL of sporulation medium and incubating at 30°C and 275 rpm in an 
orbital shaker. Six different time points during sporulation were selected to make samples: 0 
hour, 8 hours, 12 hours, 16 hours, 24 hours and 42 hours. “0 hour” represents the B. cereus in 
starter culture before triggering sporulation. The others represent the cells in sporulation 
conditions (culture in G medium).  
 
4.2.3 Sample preparation for AFM 
Aminopropyl-mica (AP-mica) coupled with glutaraldehyde was used to immobilize cell samples. 
Freshly cleaved mica was incubated in APTES vapor in a vacuum desiccator for 12 hours. The 
AP-mica was immersed in 1 mL 2% (v/v) glutaraldehyde water solution for 1 hour and rinsed 
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with deionized water. A 20 µL cell suspension was spotted and incubated for 30 minutes. The 
sample was immersed in 1 mL 1% (v/v) ethanolamine PBS solution for 30 minutes to block the 
glutaraldehyde on the areas without cells. Finally, the mica was rinsed with PBS to remove the 
loosely-immobilized cells and unreacted ethanolamine. 
For making cell suspensions, 1 mL cell suspension was taken from the culture medium and 
placed into a sterile 2 mL Eppendorf tube. Cells were collected by low speed centrifugation (1 
min, 4°C, 4000 rpm). Each pellet was re-suspended and washed two times with 2 mL sterile 
distilled water. Finally, the pellet was resuspended in 2 mL PBS buffer and kept in refrigerator 
(4°C) before use. 
 
4.2.4 AFM probe functionalization and recognition force mapping 
AC240TS cantilever (spring constant ~2 N/m, resonance frequency 70 kHz) were cleaned using 
high-intensity UV light to remove organic contamination and used for imaging and 
characterization of the surfaces in non contact mode. Gold coated cantilevers were cleaned in 
UV/ozone for 15 minutes. Cantilevers were functionalized as described earlier [87] - immersion 
in mixed thiol solution (HS-C11-(EG)6OH and HS-C15COO-NHS) in ethanol for 16 hours. 
Cantilevers were rinsed with ethanol, and incubated in a 100 nM solution of lectin (WGA or 
ConA) in PBS buffer for 1 hour at ambient temperature. Our group has earlier shown that this 
functionalization strategy limits the number of lectins on the surface to 1-3 [102]. Spring 
constants of the functionalized cantilevers were measured using the thermal fluctuation method. 
Subsequently, lectin-functionalized cantilevers (spring constant ~0.15 N/m, resonance frequency 
15 kHz) were used to obtain force data on cells. Each experiment was repeated on at least 5 
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different B.cereus cell surfaces to demonstrate reproducibility. Force-distance curves were 
obtained by collecting a series of sequential force curves in an m×n grid. Each force curve was 
obtained at the same loading rate (135 nN/s, at a ramp velocity of 900 nm/s) by pressing the 
cantilever to a low trigger point (200 pN), allowing binding to occur (contact time 0.1 second), 
and then retracting. All force maps were obtained by collecting ~80×80 force curves over a 
defined area (~3 μm×3μm), estimating the unbinding force values, and displaying these values 
by scale of color. The height maps of the same area were generated simultaneously as the force 
mapping occurred. Blocking experiments were performed by a buffer exchange of PBS 
containing 5μg/ml lectin in the fluid cell followed by force mapping. As a control experiment, a 
tip without lectin attached (only HS-C11-(EG)6OH) was used to map the cell surface. All images 
including height and force maps were performed using custom routines in Igor Pro 6.32 A 
(Wavemetrics Inc, OR) for fast processing of data.  
 
4.2.5 Atomic force microscopy imaging and measurement of mechanical properties via 
nanoindentation during sporulation 
Super sharp silicon cantilevers (AC240TS, spring constant ~2 N/m, resonance frequency 70 
kHz) from Olympus (Tokyo, Japan) with nominal radii of curvature 9±2 nm were used for 
imaging samples at a high resolution. The morphology of the samples including height profile 
and cell size were analyzed using custom routines in Igor Pro 6.32 (Wavemetrics Inc, OR). 
AFM-based nanoindentation experiments were carried out using different probes (k ~ 20 N/m) 
compared to those used for imaging (PPP-ZEIHR, Nanosensors, Neuchatel, Switzerland). Spring 
constants of cantilevers were measured prior to each experiment using the thermal fluctuation 
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method [88]. Stiffer cantilevers were used owing to the nature of the cells probed in air, with 
well-known high rigidity of bacterial spores [184]. In contrast to conventional point-by-point 
load-indentation reported earlier, a strategy of elasticity mapping was used for these experiments 
to observe the entire cell area. Indent curves were obtained by collecting a series of sequential 
indent curves in an m×n grid. Each indent curve was obtained at the same loading rate (300 
nN/s) by indenting the cantilever to the samples until a constant load force (150 nN) was 
reached. All the procedures including analysis of the indent curves using the Hertz model [185, 
186], generating elasticity maps as well as the overlays of height maps andelasticity maps were 
carried out with Igor Pro 6.32 software. Elasticity maps were obtained by collecting 50×50 
indent curves over a defined area (~3×3 μm) and estimating the Young’s moduli.  
 
 
4.3 Results and discussion 
 
The intersection of atomic force microscopy, with its capabilities of high resolution imaging and 
force spectroscopy, with microbiology, has provided an exciting strategy to study organisms 
both biophysically and biochemically [72, 187]. The application of force spectroscopy for 
detecting specific recognition sites on cell surfaces and spatially mapping them has been an 
important step in this regard. For instance, Francius et al. [159] used two lectin modified probes, 
Con A (glucose/mannose) and Pseudomonas aeruginosa lectin (galactose) to detect 
carbohydrates on Lactobacillus rhamnosus strain GG (LGG) surfaces. The force maps showed 
the Glu/Man and Gal distribution of the LGG wild-type are markedly different from those of the 
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mutant strains. Andre et al. [148] performed recognition force mapping on Lactococcus lactis 
(LL) cells to detect specific peptidoglycans. The force maps combined with topographic images 
demonstrated that the peptidoglycans were arranged linearly and parallel to the short cell axis. 
However, these studies focused on small areas of the cells (400 nm×400 nm on LGG [159] and 
500 nm ×500 nm on LL cells [148]) with height and force channels obtained separately. These 
approaches zooming in smaller area are accurate for specific target detection and distribution 
mapping. However, for quantitative analysis surface composition on single cells, mapping larger 
areas including entire cells, can provide an efficient strategy for spatial localization and real time 
analysis. For instance, consider that bacterial vegetative cells and spores are ~2 orders of 
magnitude larger in terms of surface area. (3.4±0.3 µm2 and 2.2±0.3 µm2 for the B. cereus cells 
in this work). As shown below, observation of the entire cell morphology provides a unique 
opportunity to profile single, live cells for a range of targets.  
 
4.3.1 Nanoscale imaging and probing of Bacillus  
To observe the morphology and spatially locate carbohydrate markers using AFM, the first step 
involves proper sample preparation. Two requirements are needed: i) Cells should be firmly 
fixed on substrate to avoid dragging by an AFM tip, especially in liquid, and ii) Cells should be 
maintained in the native state to preserve lectin-reactive sites on the surface. Here, a simple 
chemical fixation method was used to immobilize the cell samples on substrate: Amine-
functionalized mica (AP-mica) was modified with glutaraldehyde to form an aldehyde-
terminated surface. Following aldehyde functionalization, the substrate was gently rinsed with 
sterile water to remove unreacted glutaraldehyde, which might damage the bioactivity of 
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carbohydrates on cell surfaces. For morphology observation, both B. cereus vegetative cells and 
spores were initially imaged in air to show their high resolution surface topography, including 
surface nanostructures (Figure 4.1) [188]. Figure 4.1a and 4.1b shows B. cereus vegetative cells 
are rod-shaped and form vegetative cell chains. A quantitative analysis was performed on several 
cell samples from different areas and images (n=20). The dimensions of these vegetative cells 
were 2.8±0.5 µm in length and 1.2±0.2 µm in width, consistent with previously reported 
dimensions [184, 189]. Compared to the rod-shaped vegetative cells, the B. cereus spore shows a 
characteristic ovoid shape (Figure 4.1c and 4.1d). In addition to prior verification using phase 
contrast microscopy, several morphological characteristics typical of spores are observed by 
AFM imaging - i. surface ridges extending along the entire spore length, a characteristic surface 
feature owing to the folding of the spore coat in the dehydrated state [190, 191]. ii) An ultrathin 
capsule (~20 nm) surrounding the spores, presumably the exosporium, another characteristic 
feature of B. cereus spores and, iii) a significant length decrease following spore formation. 
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Figure 4.1. B. cereus vegetative cells and spores in air. (a) and (c) are height maps of vegetative 
cells and spore, respectively. (b) and (d) are the corresponding amplitude images.  
 
4.3.2 Spatial recognition of surface carbohydrates on vegetative cells 
To spatially recognize and map carbohydrates on B. cereus, force spectroscopy experiments were 
conducted in a liquid microenvironment using cantilevers functionalized with different lectins – 
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concanavalin A (which displays specificity to Glu/Man) and wheat germ agglutinin (WGA, 
specific to the amino sugar GlcNAc). Figure 4.2 shows the height and force (interaction) maps of 
the cell surfaces for each lectin. For clarity, these images have been overlaid. Force curves were 
analyzed automatically using a custom algorithm in IgorPro that can rapidly differentiate 
between specific binding and non-specific interactions and also determine binding forces. Curves 
classified as specific binding events are manifested in a cantilever deflection observed as a non-
linear delayed retraction curve with a different slope as that of the contact region. Examples of 
the raw data of individual layers and representative force traces are shown in Figure 4.3. An 
excellent correspondence can be observed between the cell profiles in the height map and a 
simultaneous increase of the recognition events at the same areas. In comparison, there was very 
low adhesion on the background. For WGA as the probe, Figure 4.2b shows the cell profiles 
revealing correspondingly higher recognition events compared to cells probed with Con A 
(Figure 4.2a). Histogram analysis of force curves (Figure 4.4) show that the forces in the Con A-
Glu system are higher than for the WGA-GlcNAc system, consistent with previous reports [192]. 
It can be seen that in ConA-Glu system, the main adhesion forces are around 120 pN and some 
are around 60 pN. This may be because at a pH> 7, ConA exists as a tetramer, in which four 
binding sites that can act independently. In addition, the elasticity on single cell surface is not 
homogenous, which will result in different contact area between tip and surface at different 
locations. Thus, there are possibilities of single interaction and multivalent interactions. The 
overall distribution is observed to be uniform across the surface and not concentrated at edges. 
The three-dimensional data obtained allows a rendering of the entire cell as shown in Figure 
4.5a. A further advantage of mapping the entire cell surface rather than zooming in on a smaller 
area on single cell surface is that the carbohydrate compositions of the cell surface can be 
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quantitatively estimated (Figure 4.5b). As a quantitative measure, the binding was calculated as a 
% of interaction traces to the total number of traces collected on the cell surface. This binding % 
is analogous to a molar concentration since each interaction event represents the binding of a 
single (or double) molecule pair. The density of Glu/Man (9.8±3.9 %) is calculated to be much 
lower than that of GlcNAc (40.2±7.2 %) on B.cereus cell surfaces, where the data are from five 
independent experiments on different cells. To verify these results, earlier studies which 
analyzed vegetative B. cereus cell walls were referenced. Comparison of surface carbohydrate 
compositions among several strains is summarized in Table 4.1. Although different strains show 
the variation of carbohydrate compositions, it can be easily seen that the amount of GlcNAc is 
higher than that of Glu/Man in each strain with a variation from ~2:1 to ~10:1. The calculated 
value of 4:1 on B. cereus strain T vegetative cells in this work falls within this expected range. 
Among these different strains, the strain 03BB102 and G9241 show similar molar ratio (~4:1) 
with B. cereus strain T in this study. Interestingly, these results are in excellent consistency with 
the reported values on B. cereus AHU 1356 strain, wherein the lysozyme digests of the cell wall 
showed that the polysaccharide component was composed of GlcNAc, ManNAc, GalNAc, and 
Glc in ratios of 4:1:1:1 [193].  
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Figure 4.2. Overlay of force and height profiles for the carbohydrates on B. cereus vegetative 
cell surfaces studied with their corresponding lectins. Two sets of experiments are presented. (a) 
and (c) Glu/Man probed with Con A. (b) and (d) GlcNAc probed with WGA. Typical force 
curves are also shown at the bottom of figure. (Scale bars = 1 µm). 
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Figure 4.3. Typical AFM force–distance curves (retraction traces) obtained in the experiments: 
(A) typical selected traces indicating a molecular recognition event (B) No tip surface adhesion 
when the tip encounters the background and (C) few traces showed a non-specific adhesion force 
were excluded from force maps. 
 
 
 
Figure 4.4. Histogram analysis of force curves with the lectins Con A and WGA immobilized on 
the AFM tip for detecting glucose/mannose and GlcNAc respectively. The data are from five 
independent experiments for each system conducted in PBS. The forces in the Con A-Glu system 
are higher than for the WGA-GlcNAc system, consistent with previous reports.  
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Figure 4.5. (a) 3D rendering of a B. cereus vegetative cell showing Con A binding sites to 
Glu/Man. (b) Analysis of the rupture forces showing binding of lectins and target carbohydrates 
on B. cereus vegetative cells: 1: WGA on AFM tip/ GlcNAc on cell surface; 2: Con A on AFM 
tip/ Glu/Man  on cell surface; 3: WGA on AFM tip/ GlcNAc on cell surface blocked by WGA in 
buffer; 4: Con A on AFM tip/ Glu/Man on cell surface blocked with Con A in buffer. 5: 
Unmodified AFM tip (without lectin attached) on cell surface. Blocking and bare tip experiments 
show a decrease in binding (calculated as the ratio of the number of points showing recognition 
events to the total number of points collected on the cell surface). The data are from five 
independent experiments for each system.  
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Table 4.1. Comparison of surface carbohydrate compositions on vegetative cells among several 
B. cereus strains (Glu- glucose, Man- mannose, GlcNAc- N-Acetylglucosamine, ND - none 
detected) (data adapted from [172]).  
 
Strain Carbohydrate composition (%±SD)  Molar ratio 
Glu/Man:GlcNAc  Glc Man GlcNAc 
ATCC 14579 27.7±2.2 ND 45.2±2.5 0.75 
F666 24.5±7.9 ND 32.3±6.5 0.93 
ATCC 10987 2.6±1.3 ND 25.7±3.0 0.12 
03BB102 5.1±0.8 0.9±0.5 22.9±2.7 0.27 
G9241 5.2±0.7 ND 21.7±1.0 0.29 
03BB87 2.5±0.9 ND 28.0±3.2 0.11 
 
 
Several control experiments were carried out to confirm the specificity of the pair-wise lectin-
carbohydrate interactions. First, an unmodified (“bare”) Au-cantilever (functionalized in a 
similar manner with only OH-PEG-thiol modified but without attached lectin) was used to probe 
the cell surface. Minimal specific recognition events can be observed on the cell surfaces (Figure 
4.6a), implying that the observed recognition between the lectin functionalized cantilever and the 
cell surfaces are specific in nature. Second, cell surfaces were mapped using lectin probes 
following the addition of relevant (free) lectins in buffer. This blocks the surface carbohydrates 
making them unlikely to show up when probed by the corresponding lectin. Figure 4.6b and c 
show the force mapping of B.cereus cell surface by Con A and WGA-modified AFM probes 
respectively. A significant decrease of high adhesion force areas is observed (quantitatively 
shown in Figure 4.5), with a few non-specific high adhesion spots, confirming that the 
interactions observed are specific in nature and not the result of the lectin-modified tips binding 
non-specifically to the cell surface. These experiments further demonstrate the potential of this 
strategy to work in a complex medium in real time, by observing changes in the cell surface on 
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adding exogenous substances to the microenvironment.  
 
 
Figure 4.6. Control experiments on B. cereus cell surfaces: (a) Bare tip: Overlaid height and 
force map of cell surface probed with a bare tip (without lectin attached). (b) Blocking 
experiment: height and force map of cell surface probed with ConA lectin in the presence of free 
Con A that blocks Glu/Man binding sites. (c) Blocking experiment: height and force map of cell 
surface probed with WGA lectin in the presence of free WGA that blocks GlcNAc binding sites. 
(Scale bars = 1 µm).  
 
4.3.3 Spatial recognition of surface carbohydrates on spores 
Following the study of vegetative cells, B. cereus spore surfaces were investigated. As a typical 
spore-forming cell, B. cereus is able to metabolically transform into oval, dormant cells in 
response to unfavorable environmental conditions [194]. It has been shown that vegetative B. 
cereus cells have different carbohydrate compositions in comparison to spores. These 
compositional biomarkers switches are important to potentially discriminate between vegetative 
or spore stages of Bacillus as well as to detect single cells [195]. Using recognition force 
mapping, GlcNAc and Glu/Man were spatially mapped on B. cereus spore surfaces. Figure 4.7 
shows the spatial distribution of the carbohydrates on B. cereus spore surfaces. Rare projection 
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spots on the height images may result from biopolymers that could have been pulled out by the 
AFM tip. The carbohydrate compositions of the spore surface can again be quantitatively 
estimated (Figure 4.8). Similar control experiments including unmodified probes and blocking 
experiments were conducted. As expected, the binding probability decreased significantly, which 
further confirms the specificity of lectin-carbohydrate interactions on the spore surface as well 
(Figure 4.8).  
 
 
Figure 4.7 Overlay of force and height profiles for the carbohydrates on B. cereus spore surfaces 
studied with their corresponding lectins. Two sets of experiments are presented. (a) and (c) 
Glu/Man probed with Con A. (b) and (d) GlcNAc probed with WGA. Typical force curves are 
also shown at the bottom of figure. (Scale bars = 1 µm).  
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Figure 4.8. Analysis of the rupture forces showing binding of lectins and target carbohydrates on 
B. cereus spores: a: WGA on AFM tip/ GlcNAc on spore surface; b: Con A on AFM tip/ 
Glu/Man on spore surface; c: WGA on AFM tip/ GlcNAc on spore surface blocked by WGA in 
buffer; d: Con A on AFM tip/ Glu/Man on spore surface blocked with Con A in buffer. e: 
Unmodified AFM tip (without lectin attached) on spore surface. Blocking and bare tip 
experiments show a significant decrease in binding.  
 
From Figure 4.7, the density of Glu/Man (45.8±6.5 %) is observed to be much higher than that of 
GlcNAc (14.8±4.2 %) on the spore surfaces. This trend which is opposite to the vegetative 
surface studied above is intriguing. Previous studies of spore carbohydrate compositions on 
different strains have shown that GlcNAc < Glu/Man for most strains although some variations 
can be observed from the vegetative cell to spore form [173, 195]. Compared to the vegetative 
cells, the change of carbohydrate compositions in spores may be due to the lectin probe primarily 
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interacting with the surface of the exosporium, known to envelop spores of B. cereus. Surface 
interactions on vegetative cells would also likely involve peptidoglycan components of the cell 
wall. We also do not rule out the interaction of the lectin Con A with teichoic acid, a significant 
component of gram positive bacilli cell walls. While this interaction is cross-reactive to 
Glu/Man, earlier works have shown that the ratio of teichoic acid and other components remains 
roughly the same in both vegetative cells and spores [196]. The exosporium is a complex mixture 
of carbohydrates, lipids, and proteins with an overall composition that is distinct from the cell 
wall of vegetative cells [174]. In previous studies, the carbohydrates were released from whole 
spores using hydrolysis, such that carbohydrates both on the surface and inside the spore would 
be analyzed. In contrast, AFM force mapping primarily probes the surface of spores. Compared 
to the vegetative cells, the new synthetic protective layers on spore surfaces during sporulation 
may lead to the change of carbohydrate compositions when detecting surface carbohydrates 
using AFM force mapping. Among these newly formed surface structures of spore, the 
outermost exosporium, a transparent loose-fitting membrane which is mainly composed of 
highly glycosylated glycoprotein BclA, known to envelop spores of B. cereus [197, 198]. In this 
work, the estimated carbohydrate composition value (GlcNAc: Glu/Man) is in excellent 
agreement with a previously reported value of 1:3 (molar ratio) measured from the B. cereus T-
strain spore (same strain as this study) exosporium [174], in which only the outer exosporium 
was extracted and analyzed.  
Carbohydrate compositions obtained by recognition force mapping can therefore be used as 
significant parameters for tracking bacterial related activities. An important consideration in 
whole cell analysis is the curvature of the cell which can result in artifacts at the cell-substrate 
interface. In these experiments, the aspect ratio (height/width) for a number of cells and spores 
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was calculated (n=10). For vegetative cells aspect ratio is 0.30±0.05 and for spores 0.66±0.08. 
On areas such as the top of the cell, this problem is minimized. In the case of vegetative cells, 
there were also few issues at the cell substrate interface owing to the flatness of these cells. Here, 
several cells in different orientations have been investigated to consider these concerns. Probing 
the whole cell provides quantitative spatial distributions beyond yes/no answers. It should be 
noted that both GlcNAc and Glu/Man can be found on vegetative cells and spores, which implies 
that they are not necessarily stand-alone carbohydrate markers for all cell types. An interesting 
extension would be to detect spore-specific biomarkers and figure out presence/absence. An 
example would be rhamnose, the main sugar component of BclA which is spore-specific [199]. 
However, the rhamnose binding lectin and antibody of BclA are currently not commercially 
available. The ability of this technique is therefore limited to targets that can be directly probed 
by specific binding ligands. However, several advantages including the uncovering of spatial, 
high-resolution and potential real time information on whole, live cells under physiological 
environments is a powerful tool in the development of bacterial profiling strategies.  
 
4.3.4 Resolution of recognition force mapping 
In recent years, there has been rapid progress in developing new modes in AFM-based imaging 
starting with topography and recognition imaging. Among these, Quantitative Imaging and Peak 
Force Tapping methods are able to image cell surface morphology and biophysical properties 
(e.g., elasticity and adhesion) simultaneously at high speed and high resolution [200, 201]. The 
higher lateral resolution provided by Peak Force Tapping has been found to be attractive when 
imaging smaller areas, including single proteins [201]. While these are extremely promising 
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strategies, we note that there are advantages of the technique presented here: For instance, there 
is no requirement of any specialized equipment. The experiments presented were conducted on a 
standard, widely used AFM capable of performing force spectroscopy using regular, 
functionalized cantilevers.  
In addition to accuracy and specificity, spatial resolution of this technique is a key parameter of 
recognition force mapping. For complex surfaces over whole cell areas, it is important to balance 
demands of spatial resolution and accuracy [202]. For example, increasing the spatial resolution 
can provide a better look at cell surfaces. However, force spectroscopy at two points too close to 
each other may not be optimal as surface targets such as carbohydrates are flexible polymers that 
may display multiple interactions. Moreover, an increase in data collection time causes further 
challenges including possible damage to the integrity and functionality of a bio-functionalized tip 
owing to repeated force curves, or thermal drift over long periods of time. The high level of 
control of scan size, scan speed and loading as reported in this paper results in an accurate 
estimation of surface composition. In these experiments, a ramp velocity of 0.9 μm/s was used, 
which reduces time of experiment while minimizing the effect of hydrodynamic drag force and 
hysteresis [203, 204]. One complete force map on an area of ~4×4 µm with a resolution of 80×80 
(6400 force curves) can be easily obtained in less than one hour without drift, tip damage or 
multiple interactions. It can be envisioned that in conjunction with the biophysical tools and 
strategies discussed here, new instrumental tools can further add to the repertoire of ways to 
probe bacterial cells at the single cell level and in real time. 
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4.3.5 Multi-parametric tracking cell surface during biological process at the single cell level 
Morphological change during sporulation 
Besides surface biomarkers tracking, the morphological and mechanical changes of B.cereus 
bacteria during sporulation were studied using a strategy of AFM imaging and elasticity 
mapping. The morphogenesis of the endospore and released mature endospore can be observed 
clearly by time-resolved AFM imaging (Figure 4.9 and 4.10).  As a starting point, the vegetative 
cells prior to addition to G medium (“0 hour”) were observed to be rod-shaped and forming 
vegetative cell chains (Figure 4.9a). A quantitative morphology analysis was performed on 
several cell samples from different areas and images (n=20). The dimensions of these vegetative 
cells were 2.8±0.5 μm in length, 1.2±0.2 μm in width, consistent with previously reported 
dimensions [184, 189]. Height profiles were measured along the “long-axis” of single cells as the 
cell surface was observed to change in flatness over time, especially as the endospores develop. 
Three morphology parameters were analyzed from height images: Hmax, the maximal height of 
single cells, ΔH, the maximal height difference on single cell surfaces, wherein the height of the 
endospore could be estimated as the difference in the heights between the top and the flat region 
of the cell, and the root mean square (RMS) roughness on single cell surfaces. At the “0 hour” 
stage, the maximal height of single cells is 366.5±12.2 nm, consistent with reported values also 
measured by AFM [184]. No obvious bumps are observed on the height and amplitude images 
coupled with 34.3±3.5 nm of the maximal height difference and 22.2±5.6nm of RMS roughness 
on single cell implies that the cell surfaces are flat and no endospores formed before the 
sporulation was triggered. Following an 8 hour period, cell imaging showed no obvious 
differences compared to the 0 hour vegetative cells (Figure 4.9b),indicating that the endospore 
formation had not begun.  
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Figure 4.9c represents the onset of sporulation after 12 hours in culture, wherein the cells were 
observed to have a raised structure at one end (red arrows).This is observed by visual 
examination as well as an increase in the maximal height of single cells and height differences 
from AFM imaging (Table 4.2). This morphology change shown at this time point may be 
caused by the asymmetric division of the protoplasm, which is the first morphological 
characteristic of sporulation process [205]. Figure 4.10 shows a rapid progression of the 
sporulation process till the lysis of the cell and subsequent release. In Figure 4.10a at 18 hours, 
the endospore-like bumps are more pronounced and observable. Expectedly, the height profile 
analysis shows the maximal height of single cells, height difference and RMS roughness on cell 
surfaces increase significantly, implying that the endospores were building their thick and 
multilayered spore walls (Figure 4.11a) [206, 207].At these intermediate points, it is worth 
noting that the height difference on cell surfaces increased is due to two reasons including the 
increase of maximal height in certain areas of the spores with a simultaneous decrease in 
surrounding areas. This also can be observed from the very thin and flat (~40 nm) edges of the 
mother cells (Figure 4.10b). In contrast, vegetative cells are largely homogeneous in height with 
a very small difference between the highest and lowest points of the cells. Finally, after 42 hours, 
the isolated mature endospores are formed and released (Figure 4.10c). Besides the characteristic 
ovoid shape of the spores [208], several morphological characteristics confirm the spore 
formation - i. surface ridges extending along the entire spore length, a characteristic surface 
feature owing to the folding of the spore coat in the dehydrated state[190, 191]. ii)An ultrathin 
membrane (~20 nm of height) surrounding the spores (red arrows in Figure 4.10c). This 
exosporium is another characteristic feature of B. cereus spores [64]. iii) Debris on the substrate 
indicating lysis of mother cell after the mature spore is released [209]. (green arrows in Figure 
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4.10c) and, iv) A significant length decrease of cells. The spores with 1.8±0.2 μm in length are 
shorter than that of initial vegetative cells (2.8±0.5 μm). 
 
 
Figure 4.9. Topography (top row) and AFM amplitude (bottom row) images of Bacillus cereus 
before and at the onset of sporulation trigger. (a, d) Height image before cells were added to G 
medium. (b, e) Following an 8 hour culture. (c) Following 12 hours. The red arrows show the 
onset of sporulation. Scale bars = 1 μm.  
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Figure 4.10: Topography (top row) and AFM amplitude (bottom row) images of Bacillus cereus 
after sporulation was triggered. (a, d) 18 hours. (b, e) 24 hours. (c, f) 42 hours. At this point, the 
cells lyse and spores are released. Red arrows show the exosporium of the released endospores. 
Green arrows show the surrounding cell debris. Scale bars = 1 μm. 
 
Table 4.2. Morphology analysis of Bacillus cereus at different time points during sporulation. 
The height profile measurements were performed on several images on different areas (n=20). A: 
Maximal height of single cells (nm). B: Maximal height difference on single cell surfaces (nm).  
 
 0 hour 8 hours 12 hours 18 hours 24 hours 42 hours 
A 366.5±12.2 370.3±12.7 442.0±50.9 667.5±27.0 703.9±22.8 789.6±17.4 
B 34.3±3.5 37.0±5.2 183.4±36.9 418.5±41.5 585.2±41.40 740.8±35.2 
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Figure 4.11. (a) RMS roughness values obtained from cell surfaces via AFM imaging (n~10 
cells). As spores form, the roughness of the cells increase till the cells are lysed at t=42 hrs. (b) 
Schematic representation of morphology analysis associated with of a nanoindentation 
experiment on a “24 hours” sample. “Hmax” represents the “maximal height of single cell (nm)”. 
“ΔH” represents the “maximal height difference on single cell surface”. 
 
Mechanical change during sporulation 
In addition to morphology variation, measuring the mechanical properties of cellular systems is 
an important parameter to characterize various cellular processes including adhesion, division, 
sporulation and carcinogenesis [210, 211].There have been a few reports on measuring 
mechanical changes during cellular processes using AFM based nanoindentation. These have 
included changes in Escherichia coli before and after thermal treatment [212], changes in 
stiffness of neurons during neurite outgrowth and upon disruption of microtubules[213], and the 
elasticity variation of Pseudomonas aeruginosa prior to and after antibiotic treatment [214]. 
However, the transition of mechanical properties from the vegetative cell to the spore has not 
been reported. In general, the nanomechanical characterization of B. cereus is largely unknown. 
During the sporulation process, the B. cereus mother cells synthesize multiple protein layers 
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(inner coat and outer coat) and a thick peptidoglycan layer (cortex) for building the endospore. 
This implies that endospore formation would be accompanied by a change in the elasticity of the 
cell surfaces. Also, it is postulated that if the observed bump at either end of these cells is a real, 
incipient endospore, the elasticity of these structures should be close to that of a mature 
endospore and different from the rest of the cell. The AFM allows us to determine this 
progression via nanoindentation coupled with a technique of “elasticity mapping” to determine 
the mechanical nature of the entire cell surface at the nanoscale (Figure 4.11b). Three 
representative samples at 0 hour, 24 hours, 42 hours and a mature spore were studied. The indent 
curves fit well to a Hertzian mechanical model, allowing us to obtain spatially resolved Young’s 
moduli. In each case, the mechanical elasticity map could be overlaid on the topography of the 
cell to show the variation of properties across the entire cell (Figure 4.12). 
 
 
 
Figure 4.12. Change of nanoscale mechanical property before and after sporulation was 
triggered. (a) Elasticity map of vegetative cells.(b) Elasticity map after cells were cultured in G 
medium for 24 hours. (c) Elasticity map after cells were cultured in G medium for 42 hours. The 
scale bar in each image represents 250 nm. Scan sizes were varied to capture entire cells. 
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Initially, vegetative cells were probed as shown in Figure 4.12a. The overlay of elasticity map 
and height map shows good correspondence between the elasticity and morphology (softer on 
vegetative cell surface and stiffer on glass). The average Young’s modulus across the vegetative 
cell surface is 0.72±0.29 GPa, which is in excellent agreement with the recently reported value of 
0.83±0.48 GPa measured at a few points on a B. cereus cell surface [184]. Following sporulation 
and the development of the nascent endospore, three characteristic regions of elasticity can be 
observed on the cell surface (Figure 4.12b, sample after “24 hours” sporulation): i. An area on 
the flat surface of mother cell with an average modulus (2.52±0.59 GPa) that is higher than that 
of a vegetative cell. This is hypothesized to be because the protoplasm of mother cell has been 
used to build endospore multilayers causing an increase in stiffness. Another explanation is that 
that the indentation may “feel” more of the stiff substrate since the sample is very thin at this 
area [185]. However, this only happens when the radius of contact area is comparable to the 
sample thickness [215]. The AFM height images show that the thickness of this area is around 
120 nm, while the radius of tip (close to contact area) is only around 10 nm. Thus, the “finite 
thickness effect” is negligible for the whole process study. ii. A softer “ring-like” area at the edge 
of endospore that may be caused by the curvature/edge effects, and iii. A stiffer area in the center 
of endospore. This is hypothesized to be because of endospore multilayers causing an increase in 
stiffness [216]. The underlying endospore can be clearly detected at this stage. A high resolution 
elasticity map obtained over the entire endospore area (Figure 4.13) further delineates the clear 
characteristic elasticity distributions. Here, measurements of elasticity over 2500 points (50 x 50 
grid) over a smaller area of the cell surface are shown. As expected, elasticity map on the 42 
hour sample (released spore, Figure 4.12c) reveals a similar elasticity distribution and Young’s 
modulus with the 24 hour sample, implying the bump on the topographical image at this time 
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period is indeed an underlying endospore. Taken together, the nanoindentation data further 
confirm the formation of endospore from the spatially observed progression of this process.  
 
 
Figure 4.13. Nanomechanical map of a Bacillus cereus cell after 24 hours of initiation of 
sporulation. The underlying spore is clearly visible from the topography and elasticity maps. (b) 
The elasticity map (50x50, higher resolution on smaller area) corresponds to the area (marked by 
red box) in the height map.  
 
Finally, mature spores harvested from sporulation medium and after air dried were investigated. 
The high resolution map of the entire spore is shown in Figure 4.14a in the form of an overlay of 
mechanical data on the surface topography. This image is obtained by the simultaneous capture 
of both mechanical and topographical data in a single scan that is completed under 30 minutes. 
While the spatial resolution is therefore somewhat limited in comparison to previous images, it 
demonstrates this technique as a fast method to extract information from the cell/spore. Surface 
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ridges on B. cereus as observed through nanoscale imaging in earlier reported works are clearly 
seen in the topographical images [194, 217]. Interestingly, these areas are also clearly observed 
as softer regions of the spore surface. This is consistent with earlier hypotheses that in an air-
dried state, the decreased spore core and cortex dimensions result in ridges formed due to the 
folding of the spore coat [194].The nanoindentation therefore reveals this configuration on the 
raised folds. The progression of the average modulus across this area (~200 data points) during 
the process of spore formation is shown in Figure 4.14b. The moduli at the 24 hour and newly 
released spore are very similar, while that of the air dried spore is around 50% higher. This is 
expected owing to the process of dehydration that results in mechanically robust spores. The 
average modulus of 5.1±0.3 GPa is consistent with reported values of 6.6±0.4 GPa on mature 
Aspergillus nidulans spores [218].Overall, the resultant increase in mechanical strength of the 
spores contributes to their mechanical robustness and resiliency. It must be noted here that 
Bacillus (endo) spores, as indeed several cellular systems, have a high curvature. Therefore, an 
accurate determination of the exact elasticity values across the entire cell, especially at the edges 
is challenging. In our results, a softer ring-like area surrounds the stiffer center area of 
endospore. This may be due to the curvature/edge effects of nanoindentation as well as the 
collapsed exosporium of the sample during air drying. However, the flat center area of endospore 
provides reliable elasticity values to confirm the observations. 
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Figure 4.14 (a) Nanomechanical map formed by overlay of elasticity data on the topography of a 
Bacillus cereus spore. The green arrows show the position of ridges on the surface of the spore. 
(b) Change in elastic modulus across the center region of the cells during the process of 
sporulation (~200 points measured across several samples). The elastic modulus increases nearly 
300% from the vegetative cell to the mature spore.  
 
 
4.4 Conclusions 
 
In summary, in this chapter, the AFM recognition force mapping strategy is demonstrated to 
quantitatively detect and spatially map surface carbohydrates on vegetative and spore cells of B. 
cereus at the single cell level. The correlations between the force and height maps clearly show 
that recognition force mapping can spatially locate specific targets on entire cell surfaces. By 
calculating the binding using different lectin probes, WGA and ConA, it is shown that surface 
molar ratios of Glu/Man:GlcNAc range ~1:4 on a vegetative cell but switch to ~3:1 on a spore. 
These values are in excellent quantitative agreement with previously reported bulk analyses 
using GC-MS, while providing clear spatial distributions on the cell surface. Control experiments 
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were used to confirm the specificity of the lectin-carbohydrate interactions. One of the 
significant advantages of the recognition force mapping strategy described here is the 
simultaneous collection of both forces and height data which renders the analysis of the single 
spore quickly (each image can be obtained and analyzed < 1 hour). Furthermore, time-lapsed 
AFM imaging and elasticity mapping demonstrate the power of AFM applied in microbiology 
for multi-parametrically probing important biological processes at the single cell scale. Overall, 
AFM-based “recognition force mapping” is shown to be a versatile platform to quantitatively 
detect and map bacterial surface biomarkers, specifically carbohydrate compositions but easily 
extendable to a host of cell-surface targets, while monitoring changes in surface biochemical 
properties during cellular processes at the single cell level.  
 
 
[This chapter contains results that have been previously published in:  
Wang C, Ehrhardt CJ, Yadavalli VK, “Single cell profiling of surface carbohydrates on 
Bacillus cereus,” Journal of the Royal Society Interface, 12, 20141109, Feb 2015. 
 
Wang C, Stanciu C, Ehrhardt CJ, Yadavalli VK, “Morphological and mechanical imaging of 
Bacillus cereus spore formation at the nanoscale.” Journal of Microscopy, 258, 49-58, Jan 
2015.] 
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CHAPTER 5 
THE EFFECT OF INACTIVATION AND GROWTH TEMPERATURE ON THE 
SURFACE PROPERTIES OF YERSINIA PESTIS 
 
 
5.1 Introduction 
 
Previous chapters have shown the spatial mapping of specific cell surface biomolecules is a 
powerful tool for monitoring changes in cell surface biochemical properties during cellular 
processes or when microenvironment is disturbed at the single cell level. In this chapter, the 
applications of this technique for addressing practical cellular related questions are shown in a 
different cell system.  
Yersinia pestis is a facultative, anaerobic bacterium that induces a systemic, infectious plague 
with high mortality and morbidity. It has been the causative agent of at least two historical 
pandemics: the Justinian plague and the Black Death [49, 50]. The present number of human 
plague incidents in the world is relatively stable (~ 2000 reported cases per year) [219]. 
Nevertheless, as a virulent bacterial pathogen with strains resistant to multiple antibiotics, and 
potential use in bioterrorism, Y. pestis remains a threat to human health and the subject of active 
inquiry [51]. Research using wild-type Y. pestis involves strains classified at Biosafety Level 3 
(BSL3). However, a number of avirulent or vaccine strains are widely utilized and manipulations 
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and analyses are conducted with appropriate Biosafety Level 2 (BSL2 or BSL2+) bio-
containment procedures and equipment. For example, Y.pestis KIM strain is often used as an 
avirulent surrogate [52]. Avirulent strains of Yersinia pseudotuberculosis have been proposed as 
live vaccines against bubonic plague and can be studied in a BSL2 environment [220]. 
Attenuated strains of pathogenic bacteria have also been used as models to provide guidelines 
evaluating the effectiveness of techniques to inactivate bacteria in different settings [221, 222].  
While many laboratories can handle and perform routine microbiological assays at BSL2 using 
such avirulent strains, there are numerous situations that may necessitate transport of intact 
organisms outside this environment. Downstream analyses including flow cytometry, mass 
spectrometry, high resolution microscopy - scanning electron microscopy (SEM), transmission 
electron microscopy (TEM) and atomic force microscopy (AFM) tend to involve specialized 
instrumentation with a large footprint in the lab. Similarly, samples may need to be shipped 
externally to a different laboratory with complementary expertise. Proper approaches are needed 
to inactivate such pathogens (reduce to a non-viable and non-infectious state) prior to removal 
from a BSL2 setting and ensure safety of researchers and compliance with regulatory standards. 
It is often vital that the process of inactivation preserves the cellular integrity, surface 
morphology, and biochemical properties of the bacteria to enable further study.  
Several protocols have been reported for the inactivation of pathogenic microorganisms prior to 
characterization/analysis [223]. Chemical fixation methods such as cross-linking with aldehydes 
and precipitation with alcohols can be used [224], and are common front end steps for a variety 
of staining procedures prior to light microscopy [225]. Physical methods such as irradiation or 
heating at high temperature have also been employed [226-228]. However, the question of how 
the inactivation process affects subsequent biochemical analysis of the cell has received lesser 
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attention [229]. A recent study concluded that inactivation procedures had minimal effect on the 
protein expression and spectral data quality for liquid chromatography-tandem mass 
spectrometry (LC-MS/MS), but recommended inactivation with ethanol with a secondary 
preference to irradiation [230].  
Furthermore, the effect of growth temperatures may be relevant to the natural ecology of Y. 
pestis. Temperatures in nature typically vary from 0oC to 42°C, involving transmission from the 
cold-blooded flea vector (20-25°C) to the warm-blooded mammal host (37°C), and infected 
animals during winter hibernation (6°C) [53]. Adaptations to different growth temperatures have 
been associated with transformations on Y. pestis surfaces [54-56]. In this work, using AFM 
based nanoscale imaging and force recognition mapping, the surface properties of the avirulent 
strain KIM D2 are investigated. Though the KIM D2 strain is attenuated for virulence (lacks 
plasmid pCD1) and is classified as BSL 2, it still contains virulence-associated genes, and other 
two critical pathogenicity-related plasmids which provide it with specialized mechanisms for 
infiltrating mammalian hosts [231]. Considering that it has been used in the lab as a model 
for Y.pestis studies [232], and given a historical precedent of accidental infection [52], 
characterization of this strain has great applied importance. 
Initially, changes in the morphology of Y. pestis following different treatments (methanol, 
formaldehyde, heat, UV radiation) are presented. To analyze how the biochemical nature of the 
cell surface is affected, the force recognition mapping strategy is used to study the properties of 
single cells [57, 58]. The lectin wheat germ agglutinin (WGA) is used to spatially detect and 
quantify the surface lipopolysaccharides (LPS) via the carbohydrate N-acetylglucosamine 
(GlcNAc) with outermost localization on the cell surface as one of the terminal residues of the 
core LPS oligosaccharide. LPS has been long investigated as an important factor in the virulence 
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of Gram-negative Y. pestis owing to its heterogeneity and variation in response to temperature 
changes during transmission [233, 234]. Structurally, Y. pestis LPS is composed of lipid A 
embedded into the outer membrane, and a core oligosaccharide anchored to the lipid A [235]. 
Both domains can change their structures under different environments, and are hypothesized to 
help Y. pestis avoid host innate immune responses and enhance its pathogenicity [236]. 
Temperature-dependent variations in the domain structures have been reported, making surface 
LPS an important and accessible target [54, 237, 238]. Here, whether ecologically significant 
transitions could be observed in methanol-fixed cells is examined. Specifically, whether the well-
documented shifts in structural and chemical features of the cell surface could be captured in 
cells grown at three different temperatures is examined. 
Although the methods investigated here are not indicative of the full range of inactivation 
protocols for bacteria, they represent fundamentally different and common strategies, and have 
been used for the direct examination of Yersinia [239, 240]. These results provide insight into the 
tools for studying virulent pathogens with equipment that may not have elevated biocontainment 
capabilities - inactivation followed by nanoscale evaluation of the effects on cell morphology 
and surface bioactivity. Understanding how external microenvironments (temperature, 
irradiation), including those designed to inactivate the Y. pestis, affect the structure and 
biochemical behavior of the cell surface, can help us not only design better inactivation 
protocols, but also shed light on the in situ characteristics of pathogens. 
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5.2 Experimental section 
 
5.2.1 Chemicals and instruments 
(1-Mercaptoundec-11-yl) hexaethylene glycol (Oligoethylene glycol (OEG) terminated thiol), 
HS-C11-(EG)6-OH, and (1-mercaptohexadecanoic acid)-N-succinimidyl ester (NHS terminated 
thiol), HS-C15COO-NHS, were purchased from NanocsInc. (Boston, MA). Wheat germ 
agglutinin (WGA), 3-aminopropyltriethoxysilane (APTES) and glutaraldehyde were purchased 
from Sigma-Aldrich (St. Louis, MO). Phosphate-buffered saline (PBS pH 7.4) (11.9 mM 
phosphates, 137 mM sodium chloride and 2.7 mM potassium chloride) and ethanol (200-proof) 
were purchased from Fisher Scientific (Waltham, MA). Mica was purchased from Ted Pella 
(Redding, CA). Ultrapure water (resistivity 18.2 MΩ.cm) was obtained from a MilliQ water 
purification system (Millipore Scientific, MA). AC240TS cantilevers (Olympus) were used for 
non-contact mode imaging in air, while gold coated TR800PB cantilevers (Olympus) were used 
for force measurements.  
 
5.2.2 Cell culture and fixation/inactivation protocols 
Y. pestis KIM strain (NR-4682, Derivative 2, BEI resources, Manassas, VA) was maintained on 
trypticase soy broth (TSB, EMD Chemicals Inc., Gibbstown, NJ) at 25°C. For samples grown at 
different temperatures, single colonies of Y. pestis were inoculated into 125 ml of lysogeny broth 
(Lennox, BD, Franklin Lakes, NJ) and incubated for 24 hours at 25°C or 37 °C and 225 rpm. In 
addition, a small aliquot (~10mL) of a 37C culture was incubated at 6C for ~9 months. For 
methanol and formaldehyde fixation, 1 ml cell suspension was taken from the culture medium 
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and placed into a sterile 1.5 ml microcentrifuge tube. Cells were collected by low-speed 
centrifugation (1 minute, 4°C, 3220 x g). The pellet was re-suspended and washed with 1 ml 
sterile ultrapure water to remove the culture media. The pellet was then re-suspended in 500µl of 
100% methanol (Pharmco Inc.) and incubated at 4°C for 10 minutes, or in 500 µl of 
formaldehyde (4%) (Fisher Scientific) and incubated at 4°C overnight. Following incubation, the 
cells in methanol or formaldehyde were collected by centrifugation. Each pellet was re-
suspended and washed two times with 1 ml ultrapure water. Finally, the pellet was re-suspended 
in 1 ml PBS buffer before use. 10 µl of cell suspension was then plated onto eight trypticase soy 
agar plates and placed into a stationary incubator at 25°C for 48 hours to verify sterility. For heat 
inactivation, 1 ml of cell suspension in a microcentrifuge tube was placed in a water bath at 68°C 
for 10.5 hours. The cell suspension was cooled to room temperature and 10µl was plated on eight 
TSA plates and placed in a stationary incubator at 25°C for 48 hours to verify sterility. The 
suspension was washed following the same protocol used for methanol and formaldehyde 
inactivated samples. For UV inactivation, cells were collected by low-speed centrifugation (1 
minute, 4°C, 3220 x g). The pellet was re-suspended and washed with 1 ml sterile ultrapure 
water to remove the culture media. Before transport from BSL2 to BSL1 laboratory for AFM 
analysis, 10 µl of cell suspension was plated onto glass slide and put into UV crosslinker 
(Fisher Scientific) at an exposure of ~4 mJ/cm2. 
 
5.2.3 Sample preparation for AFM 
Aminopropyl-functionalized mica (AP-mica) coupled with glutaraldehyde was used to 
immobilize cell samples. Freshly cleaved mica was incubated in APTES vapor in a vacuum 
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desiccator for 12 hours to form AP-mica. The mica was immersed in 1 ml 2% (v/v) 
glutaraldehyde water solution for 1 hour and rinsed with deionized water. A 20 µl cell 
suspension was spotted and incubated for 30 minutes. The sample was then immersed in 1 ml 
1% (v/v) ethanolamine PBS solution for 30 minutes to block the glutaraldehyde on the areas 
without cells. Finally, the AP-mica surface was rinsed with distilled water three times to remove 
loosely-immobilized cells, remaining culture media, salts and unreacted ethanolamine. 
 
5.2.4 AFM probe functionalization and force recognition mapping 
AC240TS cantilever (spring constant ~2 N/m, resonance frequency 70 kHz) were cleaned using 
high-intensity UV light to remove organic contamination and used for imaging in air and 
characterization of the surfaces in non contact mode. Gold coated cantilevers were cleaned in 
UV/ozone for 15 minutes. The gold cantilevers were then functionalized by immersion in mixed 
thiol solution (HS-C11-(EG)6-OH and HS-C15COO-NHS) in ethanol for 16 hours[87]. 
Cantilevers were rinsed with ethanol, and incubated in a 100 nM lectin (WGA) in PBS buffer for 
1 hour at ambient temperature. Our group has earlier shown that this functionalization strategy 
limits the number of lectins on the tip surface to 1-3 [102]. Lectin-functionalized cantilevers 
(spring constant ~0.15 Newton/meter (N/m), resonance frequency 15 kHz) were then used to 
obtain force data on cells in PBS. Each experiment was repeated on at least 5 different cells. 
Force curves were obtained by collecting a series of sequential force curves in an m×n grid (an 
array with m lines and n points per line). Each force curve was obtained at the same loading rate 
(135 nN/s, at a ramp velocity of 900 nm/s), allowing binding to occur (contact time 0.1 second), 
and then retracting. 80×80 force curves were collected over a defined area (~3μm×3μm) and 
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unbinding forces were displayed on a scale of color. The height maps of the same area were 
generated simultaneously. As a control, blocking experiments were performed by a buffer 
exchange of PBS containing 5μg/ml lectin in the fluid cell. All images including height and force 
maps were analyzed using custom routines in Igor Pro 6.32 A (Wavemetrics Inc, OR).  
 
5.2.5 Transmission Electron Microscopy (TEM) imaging 
For TEM imaging, cells were pelleted and fixed in 2.5% glutaraldehyde in 0.1M cacodylate 
buffer, pH 7, with 500 ppm ruthenium red for 4 hours at 4°C followed by three washes in 0.1M 
cacodylate buffer (20-40 minutes each). Next, samples were fixed in 2% osmium tetroxide in 
0.1M cacodylate buffer, pH 7.0, with 500 ppm ruthenium red for 1 hour and washed three times 
in 0.1M cacodylate buffer. Cells were then dehydrated through an ethanol series (50%, 70%, 
80%, 95%, and three changes of 100% ethanol for 10-20 minutes each) and washed three more 
times in propylene oxide (30 minutes each). Samples were infiltrated with a 1:1 mixture of 
propylene oxide and resin overnight followed by two to three changes in fresh, pure resin for 
approximately eight hours each. Lastly cells were polymerized in the resin for two days at 55-
50C. A Leica EM UC6i Ultramicrotome (Leica Microsystems, Chicago IL) was used to make 
600-700Å sections onto grids which were then stained with 5% uranyl acetate and Reynold’s 
Lead Citrate. Imaging was performed with a JEOL JEM-1230 TEM (Jeol USA, Inc., Peabody 
MA) with a GatanOrius SC1000 digital camera (Gatan, Pleasanton, CA). 
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5.3 Results and Discussion 
 
Understanding the effect of different inactivation strategies on the surface properties provides a 
means to gauge the suitability of the bacterial cell for further study. This is critical when 
transporting bacteria outside a BSL-2 environment for downstream analyses. Investigation of the 
nanoscale morphology and surface biochemical property of Y. pestis at different temperatures 
can also provide a way to elucidate the mechanisms of survival and persistence in the 
environment. However, to date, such studies on strains of pathogenic and non-pathogenic 
bacteria have been limited. Chen et.al. first showed SEM images of Y. pestis at different growth 
temperatures, with capsular antigens as a granular layer on the surface [241]. Images observing 
the surface morphology with or without glucose in growth media [55], and with or without the 
hemin storage gene were also shown using SEM [242]. Chao et.al. compared the effect of 
different fixation methods including aldehyde and alcohol fixation on bacterial morphology 
using AFM imaging [96]. Both fixation methods could effectively preserve cell morphology, 
whereas aldehyde fixation was preferable to alcohol, since the latter tended to detach the surface 
filaments (i.e., flagella and pili). Xing et. al. revealed the significant changes of morphological 
and nanomechanical properties of Bacillus anthracis spore before and after heat inactivation 
[243]. Here, both the morphology (ultrastructure) of Y. pestis as well as changes in the 
biochemical properties of the cell surface under different conditions are shown. These analyses at 
a single cell level demonstrate how the external microenvironment plays roles in modulating 
both the morphology and key components of the bacterial surface. 
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5.3.1 The effect of fixation/inactivation methods on the surface morphology of Y. pestis. 
Initially, the treated cells were plated onto agar plates and placed in a stationary incubator at 
25°C for 48 hours to verify sterility. No bacterial growth was observed on all agar plates, 
indicating that the treatments were effective. Treated Y. pestis cells were imaged at the nanoscale 
in air using non-contact AFM imaging to show high resolution topography, including the 
presence of surface nanostructures. Figure 5.1a and 5.1d show Y. pestis inactivated by methanol 
treatment. It can be seen that the rod-shaped cell has a smooth surface, which is topographically 
similar to cells grown at the same temperature (~25°C) previously reported, albeit using SEM 
[55, 241]. Figure 5.1b and 5.1e show formaldehyde inactivated Y. pestis. Two morphological 
characteristics can be observed - i) cells aggregation and ii) uneven surfaces with stacked layer 
structures at the cell edges. Similar patterns of aggregation and surface changes are also observed 
with TEM imaging (Figure 5.2). AFM images show uneven surfaces and buckling of membrane 
boundaries are prevalent in formaldehyde-fixed cells. Figure 5.1c and 5.1f show that the 
morphology of heat-inactivated Y. pestis changes significantly and the size of the cell is altered 
with respect to methanol-treated cells. It is apparent that the surface topography is irregular, 
compared to methanol-treated cells. A quantitative analysis was performed on several cell 
samples from different AFM images (n=20). The area of the cell decreases by 35 and 40% for 
formaldehyde and heat treatment respectively, in comparison to the methanol-treated cells (Table 
5.1). Compared to methanol inactivation, the roughness of Y.pestis surface increases significantly 
when using formaldehyde and heat treatments (Table 5.1). 
Based on AFM and TEM results (Figure 1 and 2), it is hypothesized that the observed 
aggregation and uneven surfaces of the cells may result from formaldehyde induced cross-
linking. Formaldehyde is a reactive electrophilic species that reacts readily with various 
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biological macromolecules on cell surfaces, such as proteins, glycoproteins, and polysaccharides 
[244]. The intra-and intermolecular cross-linking of macromolecules on the cell surface may 
therefore considerably alter their morphology and make them irregular. Cellular debris or 
residual medium components that bind to the cell surface during batch culturing maybe cross-
linked to Y. pestis surface further affecting its intrinsic morphology [245]. In contrast, methanol 
has minimal cross-linking effects. The resulting morphology is consistent with images of non-
fixed organisms, [55, 241] and the edges do not show the same uneven appearance observed in 
formaldehyde-treated samples (Figure 1 and 2). It should be noted that some methanol treated 
cells showed significant shrinkage (Figure 2a), likely an artifact of one step fixation with 100% 
methanol which may rapidly dehydrate the cell and cause a reduction in the overall cell volume. 
Although a majority cells are unaffected, fixing cells using a methanol gradient (e.g., 50%, 80%, 
and 100% methanol sequentially) would likely minimize this effect. The relative absence of cell 
aggregation suggests that methanol treatment may therefore be advantageous when analyzing 
samples with high cell concentrations as may be expected in some batch culture specimens. In 
the three inactivation methods, heat inactivation shows the greatest effect on cell morphology 
including the decrease of cell size and increase of surface roughness. This may be caused by a 
loss of cell surface integrity and the debris of denatured cell surface material. In addition, the 
ultrathin layer surrounding the cell body indicates this damaged outer membrane. 
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Figure 5.1.  AFM images of Y. pestis cells after methanol (a and d), formaldehyde (b and e) and 
heat inactivation (c and f). Panels (a), (b) and (c) are height maps. Panels (b), (e) and (f) are the 
corresponding amplitude images. Scale bars = 1 μm. 
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Figure 5.2.  TEM images of Y. pestis cells (a) after methanol (b) formaldehyde and (c) heat 
inactivation. Scale bars = 0.2 μm. 
 
Table 5.1. Quantitative analysis of Y. pestis surfaces grown at different temperatures and after 
different treatments (n=20). 
 
Conditions 
(Culture temperature, inactivation) 
RMS Roughness (nm) 
 
Cell area  
(µm2) 
 
Cell height(nm) 
25°C, methanol 17.31±5.08 2.24±0.72 185.67±6.38 
25°C, formaldehyde 32.45±7.46 1.44±0.44 180.92±7.93 
25°C,heating 31.03±4.38 1.33±0.19 125.75±6.49 
37°C,methanol 25.79±7.15 2.00±0.37 195.50±15.94 
6°C,methanol 22.50±5.68 1.85±0.36 171.75±8.99 
37 °C, UV-C 16.40±3.79 2.68±0.24 224.00±14.51 
 
 
5.3.2 The effect of inactivation methods on the biochemical nature of Y. pestis surfaces 
Surface biochemical properties under different inactivation methods were investigated. One of 
the structural differences in LPS at different growth temperatures lies in the type and amount of 
the terminal monosaccharides [237]. To evaluate the effect of inactivation methods on Y. pestis 
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surfaces, AFM-based “force recognition mapping” using cantilevers functionalized with wheat-
germ agglutinin (WGA) (lectin specific to the amino sugar GlcNAc) was used to reveal a spatial 
map of the distribution of monosaccharides on the cell surface [9, 58]. Figure 5.3 shows the 
overlaid height and force (recognition) maps of Y. pestis surfaces treated by each of the 
inactivation methods. Force curves were analyzed automatically using a custom algorithm to 
rapidly differentiate between specific binding and non-specific interactions and determine 
binding forces. Figure 5.3a shows the spatial distribution of GlcNAc on a methanol inactivated 
cell. The overall distribution is observed to be homogeneous across the entire cell surface. It is 
important to note that the cell profiles show a simultaneous increase of recognition events, while 
the background without cells does not show any recognition events. In contrast, the density of 
GlcNAc on formaldehyde (Figure 5.3b) and heat inactivated (Figure 5.3c) cell surfaces drops 
significantly. Binding was calculated as a percentage of specific recognition events to the total 
number of force curves collected on the cell surface. The density of GlcNAc (10.8±0.9%) on 
methanol inactivated cells is ~5x higher than that of GlcNAc on formaldehyde (2.0±0.4%) and 
~8x higher than heat (1.2±0.3%) inactivated cells, where the data are from five independent 
experiments on different cells (Figure 5.4). These results indicate that the morphological changes 
in Y. pestis inactivated by formaldehyde and heat also correlate with variation in GlcNAc 
content. This analysis confirms that formaldehyde and heat inactivation tend to damage the 
surface bioactivity of Y. pestis, compared to methanol fixed cells.  
 
122 
 
 
Figure 5.3. Overlay of force and height profiles for the carbohydrate GlcNAc on Y. pestis cell 
surfaces probed with its corresponding lectin WGA after methanol (a), formaldehyde (b) and 
heat inactivation (c). Scale bars = 1 μm. Pixel color indicates the magnitude of force (red 
represents low force and blue indicates high interaction force).  
 
Figure 5.4.  Analysis of the rupture forces showing the binding of WGA and the target 
carbohydrate GlcNAc on Y. pestis cells (calculated as the ratio of the number of points showing 
recognition events to the total number of points collected on the cell surface): (a) grown at 25°C 
inactivated using methanol; (b) grown at 25°C inactivated using formaldehyde; (c) grown at 
25°C inactivated using heating; (d) grown at 37°C inactivated using methanol; (e) grown at 6 °C 
inactivated using methanol; (f) blocking experiment: cell surface of Y. pestis grown at 37°C 
probed with WGA lectin in the presence of free WGA that blocks GlcNAc binding sites showing 
a decrease in binding. The data are from five independent experiments for each system (n=5, 
error bar: standard deviation). 
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By observing the density and spatial distribution of specific carbohydrate target (GlcNAc) on 
cell surfaces, it can be concluded that methanol inactivation leads to minimal changes to the 
surface biochemistry of Y. pestis, whereas formaldehyde and heat treatments have significant 
effects on the cell surface. This is consistent with expected results wherein methanol treatment 
shave been demonstrated to preserve cell biochemical properties in comparison to other 
techniques. Earlier work showed a reduction in yeast cell aggregation in aqueous suspensions, 
facilitating sampling reproducibility of mass spectrometry (MS). Moreover, the MS signature 
quality improved when using methanol treatment, which implied the preservation of 
biomacromolecules on cell surfaces [246]. In a related study of the three common inactivation 
methods (heat, formaldehyde, alcohol) on the confocal resonance Raman spectra of purple non-
sulfur bacteria, ethanol performed better than formaldehyde, whereas heat treatment had a 
strong, adverse effect on the resonant Raman spectrum [227]. Overall, compared to 
formaldehyde, there are several advantages of using methanol: i) lower toxicity and easy 
handling, ii) limited crosslinking, while formaldehyde crosslinking masks available specific 
binding sites of antigens hampering immunohistochemistry or bioactivity, iii) superior 
ultrastructure in comparison to formaldehyde treated cells [247-249], iv) permit immunological 
staining for most antibodies if needed downstream [247].  
Although the elevated biosafety levels of the KIM D2 strain prevented us from analyzing live, 
untreated Y. pestis cells with the AFM, we assessed  how each of the inactivation protocols may 
affect the ‘natural’ or in situ surface phenotype by analyzing cells that were sterilized via 254 nm 
ultraviolet light (UV-C) which penetrates the cell and damages genomic DNA. Both AFM 
imaging and biochemical force mapping were conducted on UV-C treated Y. pestis. Quantitative 
analysis based on AFM imaging shows that methanol treated cell size (including cell area and 
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height) is similar to that of UV-C inactivated cells (Table 5.1). The density of GlcNAc indicates 
that methanol treated cell has similar surface biochemical nature with UV-C treated cell (Figure 
5.5), further confirming the consistency of nanoscale surface features in methanol-treated cells. 
Here, because of the infeasibility of analyzing untreated/wild-type Y. pestis directly with the 
AFM, UV-C inactivation was used as a reference to evaluate our chemical and thermal 
inactivation methods. UV-C induces the formation of DNA adducts inside the cell including 
cyclobutane pyrimidine dimers and pyrimidine pyrimidone photoproducts causing cells to be 
unable to reproduce, but preserves the surface morphology and biochemical nature [250]. Indeed, 
quantitative and qualitative analysis showed that UV-C inactivated cells were similar to 
methanol treated cells morphologically and biochemically serving as a control for the observed 
nanoscale surface features in methanol-treated cells. However, it is important to note that UV-C 
is itself not used as an inactivation method due to the possibility for photo-reactivation or dark 
repair of UV-damaged pathogens, leading to the re-growth of the pathogen under favorable 
environmental conditions [251]. Additionally, UV irradiation (254 nm) is potentially ineffective 
for liquid samples or samples with a large amount of cellular material due to its low penetration 
depth. From an application perspective, UV treated samples therefore typically require further 
treatments, minimizing its effectiveness in comparison to methanol [252]. 
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Figure 5.5. AFM images of Y. pestis cell after UV-C treatment. (a) Height image. (b) 
Corresponding amplitude image. (c) Overlay of force and height profiles for the carbohydrate 
GlcNAc on the cell surface after UV-C treatment. Scale bars = 0.5 μm. The color of pixels 
indicates the magnitude of force (red represents low force and blue indicates high interaction 
force). 
 
5.3.3 The effect of growth temperature on Y. pestis 
An important virulence factor for plague in mammals involves induction by a temperature shift 
from <26°C to 37°C, which mimics the transition from a flea to a warm-blooded mammalian 
host. Transmission from a flea or poikilothermic insects (20-25°C) to animals during winter 
hibernation (6°C) is a further prospect that cannot be ignored due to its important biological 
impact [53]. This adaptation to different growth temperatures has been associated with the 
transformation and modification of Y. pestis cell surface morphology and concomitant 
biochemical properties, especially surface lipopolysaccharides (LPS) [54-56]. The choice of a 
suitable inactivation method facilitates investigation of pathogenically relevant transitions in the 
surface polysaccharide composition induced by temperature variation. Here we tested whether 
ecologically significant transitions could be observed in methanol-fixed cells. Specifically, it was 
examined whether the well-documented shifts in structural and chemical features of the cell 
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surface could be captured in cells grown at three different temperatures after each sample had 
been fixed with 100% methanol.  
Figure 5.6 shows the morphology of Y. pestis grown at different temperatures at the single cell 
level. A morphological characteristic can be observed on Y. pestis grown at 6°C (Figure 5.6a), 
which is not observed on Y. pestis grown at 25 and 37°C - the ultrathin capsule surrounding the 
cell. This feature may be due to the loss of water. To survive at low temperatures, Y. pestis tends 
to reduce the fractional volume of cellular water [253]. Interestingly, this observation is similar 
to the morphology of “viable but non-culturable” Y. pestis in cold (~4°C) tap water. SEM and 
TEM images showed that the periplasmic space was greatly increased in the Y. pestis in cold (~4 
°C) tap water and the cytoplasm of these cells had condensed into a small rounded cytosol, 
related to the low metabolic activity at this state [254]. Further work is needed to confirm that 
cells observed with AFM are truly in a dormant metabolic state. Figure 5.6b and 5.6c show Y. 
pestis grown at 25°C and 37°C, respectively. Cells grown at 37°C shows a rough surface 
compared to the smooth surface of those grown at 25°C (High resolution images on smaller areas 
(250 nm) are shown in Figure 5.7a, b). This result is consistent with previous studies, in which Y. 
pestis grown at 37°C shows an uneven and rough surface, while Y. pestis grown at 25 °C has a 
relatively smooth surface [55, 241]. Quantitative analysis of surface roughness further indicates 
that roughness at 37°C (25.79±7.15 nm) is ~50% higher than that at 25°C (17.31±5.08 nm) 
(Table 5.1). In Figure 5.6c, scattered particles and aggregates, as well as particulate strands 
(marked by green arrows) can be observed in the extracellular space of cells grown at 37°C. It is 
hypothesized that these features may represent the Fraction 1 (F1) capsular antigen [241], which 
has been observed to assemble into thin fibrils and denser aggregates on the bacterial surface.  
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Figure 5.6. AFM images of Y. pestis cells grown at different temperatures: 6°C (a and d), 25°C 
(b and e) and 37°C (c and f). Panels (a), (b) and (c) are height maps. Panels (b), (e) and (f) are the 
corresponding amplitude images. Scale bars = 1 μm. Green arrows mark the particulate strands. 
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Figure 5.7. High resolution surface morphology of Y. pestis grown at (a)25oC and (b) 37oC 
(Scale bar = 50 nm). Carbohydrate mappingof Y. pestis surfaces grown at (c) 6°C. (d) 25°C. (e) 
37°C. (f) Blocking experiment: the cell surface of Y. pestis grown at37°C probed with WGA 
lectin in the presence of free WGA that blocks GlcNAc binding sites. (Scale bars = 0.5 μm.) The 
color of pixels indicates the magnitude of force (red to blue indicating an increase in interaction 
force). 
 
Surface LPS on cells cultivated at different temperatures were investigated by detecting the 
terminal carbohydrate residue-GlcNAc using AFM-based force recognition mapping. The LPS 
of Gram-negative bacteria plays multiple important roles in pathogenesis, epidemiology and 
disease control [237]. The examination of surface carbohydrate compositions of bacteria has 
been used for taxonomic differentiation, identification of different genera and types and strains 
of bacteria [166, 167], as well as reconstruction of growth conditions [168]. The oligosaccharide 
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moiety of LPS primarily plays a protective role such as preventing host immunity system attacks, 
or camouflaging with common host carbohydrate residues [255]. Thus, understanding the 
structure of LPS on Y. pestis surface can provide significant insight into the virulence of the 
pathogen in different environments. GlcNAc is chosen as the indirect target biomarker for LPS 
due to the following reasons: a) GlcNAc is present on most strains of Y. pestis, b) since all strains 
of Y. pestis have been found to lack the O-antigen, GlcNAc is located at the terminal end of the 
LPS core oligosaccharide, making its binding sites readily exposed to functionalized AFM 
cantilevers and, c) lectin-probes specific to GlcNAc are readily available. 
Figure 5.7c, 5.7d and 5.7e show the spatial distribution of the GlcNAc on Y. pestis grown at 6°C, 
25°Cand 37°C, respectively. The distribution of GlcNAc is dense on cells grown at 37°C but 
sparse on cells grown at 6°C. The relative surface concentrations of GlcNAc can be 
quantitatively estimated (Figure 5.4). The density of GlcNAc on Y. pestis grown at 37°C 
(12.8±1.5%) is slightly higher than that of cells grown at 25°C (10.8±0.9%), but~2.5x higher 
than that of GlcNAc on the cells grown at 6°C (4.9±0.3 %). A control experiment was carried out 
to confirm the specificity of the pair-wise WGA-GlcNAc interactions. Surfaces of cells grown at 
37°C were probed using WGA-modified AFM probes following the addition of free WGA in 
buffer to block the available binding sites of cell surface GlcNAc and make them unlikely to 
show up as recognition events. Figure 5.7f shows the force map of the cell surface in the 
presence of free WGA. A significant decrease of high adhesion force areas is observed (from 
12.8±1.5% to 1.1±0.4%, Figure 5.4), with only a few non-specific high adhesion spots. This 
confirms that the interactions observed are specific in nature and not the result of the WGA-
modified probes binding non-specifically to the cell surface.  
Force recognition mapping offers a way to quantify and compare the density of GlcNAc on 
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single cells grown at different temperatures (Figure 5.4 and Figure 5.7). These results are 
consistent with earlier reports on two types of Y. pestis strains including KIM218 and caucasica 
1146 [237]. The amount of GlcNAc on 37°C cells is slightly higher than those at 25°C. 
Interestingly, the ratio of GlcNAc (25°C/37°C) on the KIMD2 strain (~0.84) is close to the ratio 
on KIM218 (~0.75) but different from the ratio on caucasica 1146 (~0.5) strain, which implies 
biochemical similarity and variation between closely and distantly-related strains, respectively. 
The decrease of GlcNAc amount on the Y. pestis grown at 6°C is intriguing. Using the 
combination of bulk scale analytical approaches including mass spectroscopy and nuclear 
magnetic resonance, the GlcNAc level on Y. pestis grown at 25 and 37°C is higher than that of 
cells grown at 6°C with a variation from ~1.8:1 to ~6:1 [53], suggesting that cold temperatures 
may alter LPS production in Y. pestis, and decrease the GlcNAc amount at the LPS terminal end. 
Overall, these results suggest that ecologically relevant modifications to the LPS structure, can 
be preserved using methanol fixation and subsequently analyzed with the AFM. Finally, control 
experiments further demonstrate the potential of this strategy to work in a complex, but 
controllable medium in real time, by observing morphological and biochemical changes on the 
cell surface after adding exogenous substances (for instance, antimicrobials) to the external 
microenvironment.  
 
 
5.4 Conclusions 
 
In this chapter, the effects of different inactivation methods (methanol, formaldehyde and heat) 
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and growth temperature on Y. pestis are investigated using AFM based nanoscale imaging and 
force recognition mapping at the single cell level. Both imaging and spatial mapping of surface 
carbohydrate (GlcNAc) distributions show that methanol treatment is able to preserve the 
bacterial morphology and surface bioactivity. Different morphological characteristics and surface 
GlcNAc distributions could be observed via images and force maps of Y. pestis grown at 
different temperatures. The density of GlcNAc on Y. pestis grown at 37°C is slightly higher than 
cells grown at 25°C but nearly 3 times higher than cells grown at 6°C. Overall, this research 
provides a crucial first step to study virulent pathogens in the regular lab- inactivation followed 
by a nanoscale evaluation of the effects on cell morphology and surface biochemical behavior. 
Variations in the morphology and surface carbohydrates at different culture temperatures 
indicate adaptation of Y. pestis to different environments that can be measured and visualized at 
the single cell level.  
 
[This chapter contains results that have been submitted for publication in: 
Wang C, Stanciu C, Ehrhardt C, Yadavalli VK, “The effect of growth temperature on the 
nanoscale surface properties of Yersinia pestis” in Colloid and Surface B, October 2015] 
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CHAPTER 6 
REAL TIME OBSERVATION OF THE EFFECT OF ANTIMICROBIAL 
COPOLYOXETANES ON ESCHERICHIA COLI SURFACES 
 
 
6.1 Introduction 
 
The research conducted in the previous chapters demonstrated that spatial mapping of 
biomolecules and changes on cell surfaces can be used to monitor cellular activities (such as 
sporulation) and retrace environmental conditions (such as inactivation methods and growth 
temperatures). However, none of these changes were monitored in real time. This increases the 
uncertainty of the observation. In the following two chapters, the real time AFM (including 
imaging and force mapping) is applied to study antimicrobial effect on single cell surfaces and 
their action of mechanisms in real time.  
Bacterial resistance to conventional antibiotics has been an increasing threat worldwide owing to 
the misuse/overuse of drugs [256]. For example, resistant strains against β-lactam antibiotics 
have evolved rapidly, with a nearly 1000 fold increased resistance over just the past three 
decades [257]. Simultaneous development of resistance to several classes of antibiotics has 
created multidrug-resistant bacterial strains, the so-called “superbugs” [258]. Due to the 
relatively low numbers of new antibiotics approved the US Food and Drug Administration [259], 
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developing and studying new classes of antimicrobial compounds to combat bacterial infections 
have great fundamental and applied importance. Previous studies in our group have shown the 
promising application of a novel class of copolyoxetanes, with quaternary ammonium and PEG-
like side chains, as therapeutic agents against Gram positive and negative bacteria, owing to their 
effective antimicrobial behavior, water solubility, compositional tunability, as well as low 
cytotoxicity for human red blood cells, dermal fibroblasts, and foreskin fibroblasts. 
Copolyoxetanes offer an efficient alternative to conventional antibiotics for the treatment of 
resistant pathogens [260, 261]. As a polymer surface modifier, only 2 wt. % copolyoxetane 
added to a conventional polyurethane resulted in a coating that caused 100% kill in 30 minutes of 
E. coli(∼107 CFU/mL) or P. aeruginosa, and 98.7% kill for S. aureus [262]. A better 
understanding of their killing mechanisms is critical to the development of these polymers as a 
new class of broad-spectrum antimicrobial agents. 
Since synthetic amphiphilic polycations structurally mimic naturally occurring antimicrobial 
peptides [74-76], the killing mechanism of copolyoxetanes is thought to involve contact kill i.e. 
cell membrane disruption by ionic and hydrophobic interactions between the amphiphilic 
polycation molecules and the bacterial membrane [263, 264]. Their net positive charge allows 
the polycations to electrostatically bind anionic bacterial surfaces, while their amphipathic 
structure facilitates their insertion into the hydrophobic core of the cell membrane [77, 78]. 
Several models for the interaction of antimicrobial peptides with the bacterial membrane have 
been proposed, including the barrel stave [265, 266], toroidal pore [267, 268], and the carpet 
model [269-271]. These models describe the processes of an antimicrobial peptide attaching to, 
and inserting into membrane bilayers to form pores, and eventually kill the cell. However, these 
mechanisms have been based on antimicrobial peptides interacting with model membrane 
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systems. The exact kill mechanism of copolyoxetanes (a synthetic amphiphilic polycation) and 
their effect on natural membrane system (live bacterial surface) still need to be clarified. 
The AFM has rapidly emerged as an important tool widely used over the past couple of decades 
in microbiology [9, 71, 72, 272]. A unique advantage is the ability not only to visualize live cells 
under physiological conditions with nanoscale resolution and three-dimensional imaging, but 
also to measure cell surface biochemical properties (such as hydrophobicity or specific 
biomarkers) via functional AFM probes [58, 273, 274]. This makes it a powerful technique to the 
study of the effect and mechanisms of environmental effectors on cells. A series of AFM studies 
have been reported using bacterial cells to study mechanisms of action of antimicrobial peptides 
[275-280]. Typically, cells in these investigations are sampled out at selected time points and 
imaged in air to obtain high quality images. This approach requires drying of the cells, that can 
change the cell morphology, or create artifacts due to salts and small compounds in the culture 
medium [277]. To date, only few studies have observed changes in bacteria due to antimicrobial 
treatments in liquid environments [281-283]. 
A stronger insight into the effects of antimicrobial compounds on cells can be obtained by 
observations conducted in situ (liquid), in real time and preferably at the level of a single cell. 
Such studies at the cell surface can reveal the mechanisms of action and kill. Using high-speed 
AFM, Fantner et al. observed E. coli surfaces influenced by the antimicrobial peptide CM15 in 
real time and a short period of time [282]. Wu et al. described the single dividing mycobacterium 
JLS before and after the anti-mycobacterial drug (ethambutol) treatment in real time at the single 
cell level [283]. In this chapter, the real time AFM is used to monitor E. coli incubated with the 
antimicrobial copolyoxetane. Specifically, the same cell is observed over a period of time to 
observe in real time, the effect of addition of the antimicrobial to the external microenvironment. 
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In addition to observing the cell morphology, the change in the surface hydrophobicity due to the 
antimicrobial is quantified. The observed characteristic features on cell surfaces at different 
stages and concentrations are consistent with previously proposed carpet model for antimicrobial 
peptides. Using such a real time observation of cells can therefore provide critical insights into 
the mechanism of action of synthetic amphiphilic polycations. 
 
 
6.2 Experimental section 
 
6.2.1 Materials and instrumentation 
Poly-L-lysine hydrobromide (P1524), Tris(hydroxymethyl)aminomethane and 1-undecanethiol 
were purchased from Sigma-Aldrich (St. Louis, MO). Phosphate-buffered saline (PBS pH 7.4) 
(11.9 mM phosphates, 137 mM sodium chloride and 2.7 mM potassium chloride) and ethanol 
(200-proof) were purchased from Fisher Scientific. Mica was purchased from Ted Pella 
(Redding, CA). Ultrapure water (resistivity 18.2 MΩ•cm) was obtained from a MilliQ water 
purification system (Millipore Scientific, MA). CSG30 cantilevers (NT-MDT) were used for 
non-contact mode imaging in liquid. Gold coated TR400PB cantilevers (Olympus) were used for 
chemical force mapping in liquid.  
6.2.2 Polymer synthesis and characterization 
The antimicrobial copolyoxetane polymer was provided by the laboratory of Dr. Kenneth Wynne 
at VCU. The synthesis and characterization of the polymer can be found in [261, 262].  
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6.2.3 Cell culture 
E. coli (ATCC# 35218) was maintained on Trypticase Soy Agar (TSA) (30 g Trypticase soy 
broth (Becton Dickinson, Franklin Lakes, NJ), 15 g agar (American BioAnalytical, Natick, 
MA)). A freshly streaked plate was incubated overnight at 30 °C. A single colony was picked 
and inoculated into 125 mL of Trypticase Soy Broth (TSB) (30 g Trypticase soy broth (Becton 
Dickinson, Franklin Lakes, NJ). The culture was incubated for 20 hours at 30 °C and 225 rpm in 
an orbital shaker. The bacterial mass was harvested by centrifuging at 3220xg for 15 minutes, 
decanting the medium, and re-suspending the pellet in PBS. The fresh prepared E. coli was used 
for AFM imaging instantly. 
 
6.2.4 Sample preparation and atomic force microscopy (AFM) imaging 
Cells were immobilized using the poly-L-lysine fixation method described earlier [282]. Mica 
was coated with poly-L-lysine to increase the adherence of the bacteria. Freshly cleaved mica 
was immersed for 10 minutes in a solution of 0.05 mg/ml poly-L-lysine hydrobromide and 10 
mM Tris (pH 8.0). The surface was then covered and dried vertically overnight at room 
temperature. The coated mica was stored at room temperature and was used within one week. 
Concentrated bacteria suspended in PBS were deposited on the coated mica and incubated for 30 
minutes. The cells were kept hydrated at all times. Excess cells were rinsed off with three washes 
of 1 ml Millipore water. Images were taken in PBS with and without the antimicrobial 
copolyoxetane using non-contact mode imaging. A series of concentrations (~15 μg/mL, 30 
μg/mL and 60 μg/mL) were used to study the concentration dependence of the action of 
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copolyoxetane. To observe the cells in situ and in real time, the same cells (same areas on mica) 
were imaged at selected time intervals.  
 
6.2.5 AFM probe functionalization and chemical force mapping 
Gold coated cantilevers were cleaned in UV/ozone for 15 minutes. Cantilevers were 
functionalized via immersion in1-undecanethiol solution in ethanol for 16 hours to obtain CH3 
terminated group on probe surface. Then the cantilevers were rinsed with ethanol to remove 
unbound 1-undecanethiol. Subsequently, CH3-functionalized cantilevers (spring constant ~0.09 
N/m, resonance frequency 32 kHz) were used to obtain force data on cells in buffer. The same 
cells were force-imaged at selected time points (0 hour, 1.5 hours and 3 hours). At least 5 
different E. coli cells were studied separately. Force-distance curves over the cell surface were 
obtained by collecting a series of sequential force curves in an m×n grid. Each force curve was 
obtained at the same loading rate (81 nN/s, at a ramp velocity of 900 nm/s) by pressing the 
cantilever to a low trigger point (200 pN), allowing binding to occur (contact time 0.1 second), 
and then retracting. All force maps were obtained by collecting ~32×32 force curves over a 
defined area (~2μm×2μm), estimating the adhesion force values, and displaying these values by 
scale of color. The height maps of the same area were generated simultaneously as the force 
mapping occurred. All images including height and force maps were performed using custom 
routines in Igor Pro 6.32 A (Wavemetrics Inc, OR) for fast processing of data.  
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6.3 Results and Discussion 
 
6.3.1 AFM imaging copolyoxetane treated E. coli in real time 
To observe the effect of copolyoxetane treatment on the Gram negative bacterial cell surface, 
AFM images of E. coli were acquired at selected time points including before (0 hour) and after 
adding the copolyoxetane (1 hour, 2 hours and 3hours) into the imaging buffer. Based on 
previous antimicrobial activity studies on E. coli, the minimal biocidal concentration (MBC), ~ 
30 μg/mL, was used here to obtain the complete and rapid kill [260, 261]. Figure 6.1 shows the 
morphological change of E. coli under the action of copolyoxetane. Before adding 
copolyoxetane, the cell surfaces were smooth and there was no damage on the cell membranes 
(Figure 6.1a and 6.1e), indicating that the cell morphology was unaffected after poly-lysine 
fixation and imaging in PBS buffer. After 1 hour of incubation with copolyoxetane, minor 
indentation areas on cell surfaces were evident (marked by green arrows, Figure 6.1b and 6.1f), 
implying the partial removal of the LPS layer or outer membrane. After 2 hours of treatment, 
some protrusions formed on cell surfaces (marked by yellow arrows in Figure 6.1c and 6.1g). 
Interestingly, it seems that the biggest protrusion took place on the previous indentation area in 
Figure 6.1f, which implies that the copolyoxetane further interacted with the inner membrane 
after removal of the LPS layer or outer membrane and resulted in the formation of the vesicle-
like structures on the cell surface. Furthermore, there was no obvious change on cell morphology 
from 2 hours to 3 hours (Figure 6.1d and 6.1h) probably due to the cell death after 2 hours’ 
incubation in copolyoxetane. In addition, as a control experiment, the cells undergoing no 
copolyoxetane treatment were also monitored at the same time intervals using AFM imaging. It 
is obvious that the untreated E. coli cells experienced no morphological changes over the period 
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of 3 hours (Figure 6.2). 
 
Figure 6.1. AFM imaging of copolyoxetane treated E. coli in real time. (a)-(d) are height images 
of E. coli at 0 hour (before adding copolyoxetane), 1 hour, 2 hours and 3 hours (after adding 
copolyoxetane), respectively. (e)-(h) are corresponding amplitude images. Green arrows mark 
the minor indentation area on cell surface. Yellow arrows indicate vesicle-like structures on cell 
surface. Scale bars: 500 nm. 
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Figure 6.2 AFM imaging E coli in PBS in 3 hours. (a) and (b) are height images of E coli in PBS 
at 0 hour and 3 hours. (c)-(d) are corresponding amplitude images. Scale bars: 500 nm. 
 
The AFM images in Figure 6.1 indicate that the activity of the copolyoxetane is time dependent. 
Two stages of morphological changes are shown. First, the copolyoxetane damages the LPS 
layer or outer membrane causing the formation of indentation on cell surfaces. Second, after the 
permeabilization of the outer membrane, the copolyoxetane further penetrates into and interacts 
with the inner membrane and form vesicle-like features. Similar phenomena (the outer 
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membrane damage and formation of vesicle-like features) and the two-stage process were 
reported on previous studies on cationic antimicrobial peptides. For example, using AFM, Li et 
al. was able to observe the indentation on cell surfaces and micelle-like structures around the 
Sushi peptide treated cells [279]. However, since the AFM imaging was done in air, it is difficult 
to clarify the micelle-like structures around the cells are the real formed micelle or dried 
components from culture medium. In our AFM images, the protrusions formed on the previous 
indentation area on cell surface clearly show the dynamic two-stage process in situ. In addition, 
Hyldgaard et al. [284], Alves et al. [275], and da Silva et al. [276] also reported the indentation 
and vesicle-like features on Epsilon-poly-L-lysine, BP100, pepR and PGLa treated E. coli cells. 
Based on the characteristic morphological alternations and two-stage process, the adoption of a 
carpet-like (or detergent-like) mechanism by the copolyoxetane seems to be reasonable [78]. The 
carpet mechanism was proposed to explain the activity of several antimicrobial peptides 
including dermaseptin S [270], melittin, magainin [277] and the antimicrobial peptides 
mentioned in last paragraph. Initially, the polycationic antimicrobials bind with negatively 
charged LPS (mainly with phosphate groups in the LPS inner core [284]) by electrostatic forces, 
which ultimately removes the LPS layer in a detergent-like fashion and disrupts integrity of the 
outer membrane. Here, the LPS layer in the outer membrane acts as the initial barrier for 
polycationic antimicrobials in their attempt to penetrate into their next target of action – the inner 
cell membrane [285]. After penetration of outer membrane and reaching a threshold 
concentration on the inner membrane, the polycationic antimicrobials induce the curvature of 
inner membrane and form vesicle-like features on cell surfaces. Finally, the release of vesicle or 
micelle will further result in the disruption of cell membrane structure and even the leakage of 
cytoplasm. In the real time AFM study (Figure 6.1), the MBC of copolyoxetane induced the 
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appearance of indentation on cell surface, as well as the formation of vesicle-like features on 
indentation area. The lack of the third stage (the leakage of cytoplasm) may be because of the 
insufficient concentration and the rigid peptidoglycan layer beneath the outer membrane 
maintaining the cell structure. 
 
6.3.2 AFM imaging E. coli treated with different concentration of copolyoxetane  
The real time AFM imaging has demonstrated the time-dependent antimicrobial activity of 
copolyoxetane. To further investigate whether the activity is concentration-dependent, the E. coli 
morphology in 2× MBC and ½ ×MBC of copolyoxetane were observed in real time. Figure 6.3a, 
6.3b, 6.3e and 6.3f show the morphological change of E.coli at 2× MBC of copolyoxetane. 
Similar as before, the E. coli cell had smooth surface without damage in PBS buffer (Figure 6.3a 
and 6.3e). After 1 hour of incubation with 2× MBC of copolyoxetane, both vesicle-like features 
(marked by yellow arrows) and leakage of cytoplasmic fluid (marked by red arrows) were clearly 
shown (Figure 6.3e and 6.3f), indicating the damage to the inner membrane [277]. There was no 
morphological change between 1 hour and 3 hours of incubation, indicating the cell death at 1 
hour. The leaking soft and fluidic cytoplasmic content compromised the resolution of AFM 
images, which further reveals the dynamic process of antimicrobial activity at the single cell 
level. Here, it is interesting to see that the cytoplasmic content was leaking out from septal region 
of the cell, which may be explained by the cardiolipin, a negatively charged phospholipid, 
generally located at the septal region of the E. coli inner membrane [286], and the cationic 
copolyoxetane. In contrast, Figure 6.3c, 6.3d, 6.3g and 6.3h show the E. coli incubated in ½ 
×MBC of copolyoxetane only displayed minor change (indentations marked by green arrows) on 
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the cell surface in 3 hours. Therefore, Figure 6.3 reveals that the activity of the copolyoxetane is 
concentration dependent. At lower concentration of copolyoxetane (½ ×MBC), there was no 
vesicle-like feature and cytoplasm leakage, which implies that the copolyoxetane concentration 
has not reached threshold to disrupt the inner membrane and further initiate the cytoplasm 
leakage. At higher concentration (2×MBC), the three-stage morphological changes with the 
increase of time including surface indentation, vesicle-like feature and cytoplasm leakage are 
shown, which further demonstrates the carpet mechanisms of cationic copolyoxetane. 
 
 
Figure 6.3. Concentration dependence of copolyoxetane effects on E. coli imaged by AFM. (a) 
and (b) are height images of E. coli in 2×MBC of copolyoxetane at 0 hour and 1 hour, 
respectively. (c) and (d) are height images of E. coli in ½ ×MBC of copolyoxetane at 0 hour and 
3 hours. (e)-(h) are corresponding amplitude images. Yellow arrows: vesicle-like features. Red 
arrows: leaking cytoplasmic content. Green arrows: indentation. Scale bars: 500 nm. 
 
As aforementioned, there are three typical models for the interaction of antimicrobial peptides 
with the bacterial membrane. In the barrel-stave model, peptide helices form a bundle and insert 
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into the membrane, like a barrel composed of helical peptides as the staves. In the toroidal pore 
model, antimicrobial peptide helices insert into the membrane and induce the lipid monolayers to 
bend continuously and create the pore. In the carpet model, peptides accumulate on the 
membrane like a carpet and remain in a parallel or a surface state. At high concentrations, 
surface-oriented peptides are thought to disrupt the bilayer in a detergent-like manner, eventually 
leading to the formation of micelles/vesicles [78]. Model membrane studies have shown that 
most antimicrobial peptides follow the toroidal pore model or carpet model but not the barrel 
stave model. This is because the peptides in the barrel model need to insert into the membrane 
without deformation of the lipid bilayer whereas peptides in the toroidal pore and carpet model 
tend to induce the deformation (such as curvature) on cell membrane [277], which also can be 
observed in our AFM images. The difference between the toroidal pore and carpet model is the 
initial interaction process between polycations and cell membrane. In the toroidal pore model, 
polycations insert into the membrane individually then associate with lipid head groups, whereas 
polycations accumulate on the membrane like a carpet and remain in a parallel or a surface state 
in the carpet model [287].  
 
6.3.3 The copolyoxetane effect on surface hydrophobicity of E. coli 
To further study the antimicrobial mechanism of copolyoxetane especially its initial interaction 
mechanism with cell membrane and effect on cell surface biochemical nature, AFM based 
chemical force microscopy (CFM) was used to map the nanoscale hydrophobicity distribution on 
single E. coli surface. The surface hydrophobicity of E. coli has been an important biomarker 
relevant to its adhesion to inanimate surface and interaction with antimicrobial peptide [288, 
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289]. Specifically, using functional AFM tips as probes, adhesion forces between tip-bound 
groups (undecanethiol with -CH3 terminal group in this study) and surface hydrophobic groups 
on bacteria can be measured. This technique enables researchers to map out spatial distributions 
of hydrophobic groups and their changes in real time [9, 73]. 
Figure 6.4 shows the overlaid height and adhesion force maps of the E. coli incubated with MBC 
of copolyoxetane at different time intervals. An excellent correspondence can be observed 
between the cell profiles in the height map and a simultaneous increase of the adhesion events at 
the same areas. Figure 6.4a indicates that the cell surface hydrophobicity was homogeneously 
distributed before the copolyoxetane was added. The hydrophobicity of E. coli surface is 
originated from the hydrophobic contents on cell surface, such as lipids and hydrophobic region 
of membrane proteins [290]. After adding the copolyoxetane, the adhesion events on cell 
surfaces significantly decreased at 1.5 hours and 3 hours (Figure 6.4b, 6.4c). As a quantitative 
measure, the hydrophobicity of the single cell was calculated as a percentage of adhesion events 
to the total number of traces collected on the cell surface. The hydrophobicity of the E. coli at 1.5 
hours and 3 hours (~15%) is calculated to be much lower than E. coli at 0 hour (~ 91%) (Figure 
6.5c). Furthermore, as a control experiment, adhesion force maps were collected on E. coli in 
PBS at different time points in 3 hours. Figure 6.5a and 6.5b shows that there is no obvious 
change in 3 hours in terms of cell surface hydrophobicity. Overall, the hydrophobicity mapping 
on single cells shows that the entire cell surface hydrophobicity decreased significantly with the 
action of copolyoxetane.  
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Figure 6.4. Overlay of force and height profiles for the hydrophobicity on E. coli cell surfaces 
before (a, 0 hour) and after adding MBC of copolyoxetane (b, 1.5 hours and c, 3 hours). Scale 
bars: 300 nm. The color of pixels indicates the magnitude of force value. 
 
 
Figure 6.5. Control experiment: Overlay of force and height profiles for the hydrophobicity on 
E. coli cell surfaces in PBS in 3 hours. (a) 0 hour. (b) 3 hours. Scale bars: 200 nm. (c) Analysis 
of binding % shows the hydrophobicity of single E. coli cells decreased after adding 
copolyoxetane. Control experiment shows the hydrophobicity does not change in PBS in 3 hours. 
The data are from three independent experiments for each system. 
 
AFM-based hydrophobicity mapping was able to further elucidate the exact mechanism from the 
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perspective of surface biochemical nature. The decrease of hydrophobicity across the entire cell 
surface can be explained by that the copolyoxetane forms single or multiple layers on the cell 
surface by binding with the outer membrane LPS and the formed layers block the hydrophobic 
AFM probe to interact with hydrophobic contents on E. coli surface. Also, considering the 
structure of copolyoxetane, the positive charged ammonium and hydrophobic alkyl group tend to 
bind with negative charged groups and lipid A on LPS, respectively, leaving the PEG-like side 
chain (which is hydrophilic) facing the solution [288]. This study further demonstrates that the 
copolyoxetane initially binds to cell membrane in a carpet-like fashion (rather than insertion 
individually in the toroidal pore model), and this leads to the change of entire cell surface 
biochemical nature. 
 
 
6.4 Conclusions 
 
In this chapter, AFM is used for the analysis of the antimicrobial effect of copolyoxetane (a 
novel class of synthetic amphiphilic polycations) on model bacterium, live E. coli surfaces. The 
ability to image live cells in real time and liquid environment enables AFM to observe the time 
and concentration dependence of the copolyoxetane effects on live E. coli. The characteristic cell 
morphological change with the increase of time and copolyoxetane concentration including 
indentation area, vesicle-like features and cytoplasm leakage can be explained by the carpet 
model, in which the copolyoxetane interacts with E. coli membranes through a carpet-like 
mechanism leading to the removal of LPS layer, formation of membrane curvature and finally 
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disruption of membrane structure. Furthermore, AFM-based CFM shows that incubating cells 
with copolyoxetane decreased the hydrophobicity across the entire cell surfaces at the early 
stage, confirming that the copolyoxetane molecules initially bind with cell membrane in a carpet-
like fashion. Taken together, the real time AFM approach here clearly elucidates the 
antimicrobial mechanisms of copolyoxetane at the single cell level and this will provide 
important insights into mechanism of action of other synthetic amphiphilic polycations. 
 
[This chapter contains results that have been submitted for publication in: 
Wang C, Zolotarskaya OY, Ehrhardt C, Wynne KJ, Yadavalli VK, “Real time observation of 
antimicrobial polycationeffects on Escherichia coli: adapting the carpet model for 
membrane disruption to quaternary copolyoxetanes” submitted to Langmuir, November 
2015] 
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CHAPTER 7 
REAL TIME OBSERVATION OF THE ANTIMICROBIAL EFFECT OF COPPER ON 
BACTERIAL SURFACES 
 
 
7.1 Introduction 
 
With a rise in the number of antibiotic-resistant pathogenic bacteria and a proliferation of 
nosocomial infections, there has been a strong need for researching new classes of antimicrobial 
agents [256]. Certain metals and their compounds have been found to have excellent 
antimicrobial properties against a variety of bacteria [291-293]. In recent years, the micro- and 
nano-particle forms of these metallic materials have attracted considerable interest owing to their 
high surface area, chemical stability, heat resistance and long shelf-life [79]. Frequently used 
metallic particles include Cu, Ag, Fe2O3, ZnO and Au [294-297]. Copper (Cu) and its 
compounds, in particular, have a long history as antimicrobial agents, and have been widely 
utilized as cheap and effective antimicrobial materials. For example, copper surfaces in hospital 
and institutional environments have been used because of their highly potent “contact killing” 
ability against various bacteria [80, 298]. Copper microparticles within a polymer matrix have 
been shown for potential applications in water treatment [299, 300]. Impregnating copper 
(particles) in materials ranging from textiles to non-porous solid surfaces have been proposed to 
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minimize nosocomial infections [301, 302]. A better understanding of the antimicrobial 
mechanisms of copper is therefore critical to the development of this material as a new class of 
broad-spectrum antimicrobial agent. 
The exact mechanisms of action of copper remain issues of debate [303]. Depending on material 
forms such as surfaces, particles (micro or nanoparticles) and salts, various mechanisms of the 
antimicrobial action have been proposed. For instance, copper surfaces (in both dry and wet 
condition) are postulated to kill bacteria via contact kill. This proceeds by steps of membrane 
damage, influx into the cells, oxidative damage, cell death, and DNA degradation, although the 
exact sequence of events is still unclear [291]. Copper particles may have two modes of action. 
The first involves penetration of particles into the cell wall, and inducing damage in the cellular 
membrane during the entry process [304, 305]. The second involves released Cu ions which 
produce reactive oxygen species (ROS) that can cause multiple toxic effects such as lipid 
peroxidation, protein oxidation and DNA degradation, finally killing the cells [306, 307]. The 
latter mechanism of action is generally considered more feasible in comparison to penetration 
into bacteria. For instance, it was shown that even large Cu microparticles embedded within an 
alginate matrix have a strong antimicrobial effect for water treatment [300]. However, questions 
related to the cellular interactions and mechanism of kill for Cu in the particulate form remain to 
be clarified.  
In this chapter, real time atomic force microscopy (AFM) is used to visualize the antimicrobial 
mechanism of copper particles using live Escherichia coli (E. coli) as a model bacterium. AFM 
has been demonstrated to be a powerful platform for the study of the effect and mechanisms of 
antimicrobial peptides on cells [275, 278-280]. Compared to bulk scale analysis, AFM is able to 
visualize live cells under physiological conditions with nanoscale resolution. It is further possible 
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to study cell surface biochemical properties in real time (such as hydrophobicity or specific 
biomarkers) via functional AFM probes with force recognition mapping technique [9, 58, 71]. In 
contrast to earlier reported studies using cell imaging via AFM, herein, for the first time we 
present studies in which the same cell is monitored both in terms of morphology and surface 
hydrophobicity change over time. To date, only few studies have observed morphological 
changes in bacteria due to metal nanoparticles treatments using AFM [293, 308, 309]. Typically 
in these investigations, different cells are sampled out at selected time points and imaged in air or 
liquid. Imaging in air requires drying of the cells that can change the cell morphology, or create 
artifacts due to salts or small compounds in the culture medium [277]. 
A clearer picture into the effects of the copper microparticles on cells can be obtained by 
observing same single cells in situ (liquid) and in real time. In this study, we use real time AFM 
to monitor E. coli incubated with antimicrobial copper microparticles. Specifically, we observe 
the same cell over a period of time, and the effect of addition of the antimicrobial to the external 
microenvironment. In addition to observing the cell morphology, we also quantify the change in 
the surface hydrophobicity due to the antimicrobial. Both the morphological and surface 
hydrophobicity changes on single cell surfaces are captured simultaneously during the 
antimicrobial treatment to provide a unique look at the antimicrobial mechanism of copper 
microparticles. Using such a real time observation of single cells can therefore provide critical 
insights into the mechanism of action of antimicrobial agents or external effectors.  
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7.2 Experimental section 
 
7.2.1 Materials and instrumentation 
Poly-L-lysine hydrobromide (P1524), Tris(hydroxymethyl)aminomethane and 1-undecanethiol 
were purchased from Sigma-Aldrich (St. Louis, MO). Phosphate-buffered saline (PBS pH 7.4) 
(11.9 mM phosphates, 137 mM sodium chloride and 2.7 mM potassium chloride) and ethanol 
(200-proof) were purchased from Fisher Scientific. Mica was purchased from Ted Pella 
(Redding, CA). Copper (I) particles (cuprous oxide) with a size range from 300 nm – 600 nm 
were used as antimicrobial agents. The particles were filtered using a 450 nm filter to obtain a 
dispersion in water at a bulk (solution) concentration of ~0.7 mM. Ultrapure water (resistivity 
18.2 MΩ•cm) was obtained from a MilliQ water purification system (Millipore Scientific, MA). 
CSG30 cantilevers (NT-MDT) were used for non-contact mode imaging in liquid. Gold coated 
TR400PB cantilevers (Olympus) were used for chemical force mapping in liquid.  
 
7.2.2 Cell culture 
E. coli (ATCC# 35218) was maintained on Trypticase Soy Agar (TSA) (30 g Trypticase soy 
broth (Becton Dickinson, Franklin Lakes, NJ), 15 g agar (American BioAnalytical, Natick, 
MA)). A freshly streaked plate was incubated overnight at 30 °C. A single colony was picked 
and inoculated into 125 mL of Trypticase Soy Broth (TSB) (30 g Trypticase soy broth (Becton 
Dickinson, Franklin Lakes, NJ). The culture was incubated for 20 hours at 30 °C and 225 rpm in 
an orbital shaker. The bacterial mass was harvested by centrifuging at 3220xg for 15 minutes, 
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decanting the medium, and re-suspending the pellet in PBS. The fresh prepared E. coli was used 
for AFM imaging instantly. 
 
7.2.3 Sample preparation and atomic force microscopy (AFM) imaging 
Cells were immobilized using the poly-L-lysine fixation method described earlier. Mica was 
coated with poly-L-lysine to increase the adherence of the bacteria. Freshly cleaved mica was 
immersed for 10 minutes in a solution of 0.05 mg/ml poly-L-lysine hydrobromide and 10 mM 
Tris (pH 8.0). The surface was then covered and dried vertically overnight at room temperature. 
The coated mica was stored at room temperature and was used within one week. Concentrated 
bacteria suspended in PBS were deposited on the coated mica and incubated for 30 minutes. The 
cells were kept hydrated at all times. Excess cells were rinsed off with three washes of 1 ml 
water. Images were taken in PBS with and without the copper dispersion (0.1 mg/ml) using non-
contact mode imaging. To observe the cells in situ and in real time, the same cells (same areas on 
mica) were imaged at selected time intervals (0 hour, 1 hour, 2hours and 3hours). As a 
complementary experiment, cells incubated with copper particles were sampled out at selected 
time points (0 hour, 1 hour and 3 hours) and imaged in air to obtain high quality images. 
 
7.2.4 AFM probe functionalization and chemical force mapping 
Gold coated cantilevers were cleaned in UV/ozone for 15 minutes. Cantilevers were 
functionalized via immersion in1-undecanethiol solution in ethanol for 16 hours to obtain a CH3 
terminated group on probe surface. Cantilevers were rinsed with ethanol to remove any unbound 
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1-undecanethiol. Subsequently, CH3-functionalized cantilevers (spring constant ~0.09 N/m, 
resonance frequency 32 kHz) were used to obtain force data on cells in buffer. The same cells 
were force-imaged at selected time points (0 hour, 1.5 hours and 3 hours). At least 5 different E. 
coli cells were studied separately. Force-distance curves over the cell surface were obtained by 
collecting a series of sequential force curves in an m×n grid. Each force curve was obtained at 
the same loading rate (81 nN/s, at a ramp velocity of 900 nm/s) by pressing the cantilever to a 
low trigger point (200 pN), allowing binding to occur (contact time 0.1 second), and then 
retracting. All force maps were obtained by collecting ~32×32 force curves over a defined area 
(~2μm×2μm), estimating the adhesion force values, and displaying these values by scale of 
color. The height maps of the same area were generated simultaneously as the force mapping 
occurred. All images including height and force maps were performed using custom routines in 
Igor Pro 6.32 A (Wavemetrics Inc, OR) for rapid data processing.  
 
 
7.3 Results and discussion 
 
7.3.1 The effect of Cu on E. coli cell morphology in real time 
Initially, the real time AFM imaging was conducted in buffer to monitor the effect of Cu (I) 
particles on the Gram negative bacterium at the single cell level. AFM images of the same E. coli 
were acquired at selected time intervals including before (0 hour) and after adding the particles 
(1 hour, 2 hours and 3 hours) into the imaging buffer. Figure 7.1 shows the morphological 
change of the E. coli under the action of Cu. Prior to addition, the cell structure was intact, and 
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no damage to the cell membrane was observed (Figure 7.1a and 7.1e). This also indicated that 
the cell morphology was unaffected after poly-lysine fixation and imaging in PBS buffer. After 1 
hour of incubation with Cu, the cell structure collapsed from the peripheral area (Figure 7.1b and 
7.1f), implying damage of the cell membrane and leakage of the soft and fluidic cytoplasmic 
contents. After 2 hours of treatment, the collapse and leakage of the cytoplasmic contents were 
more obvious (Figure 7.1c and 7.1g). After 3 hours of treatment, the cell lost most of the 
cytoplasmic contents and left the flat membrane debris on the substrate (Figure 7.1d and 7.1h). In 
these experiments, the concentration of Cu ions was estimated to be 0.7 mM considering the 
limited solubility of the particles in water. It may be noted that the bulk concentration and the 
surface concentration may be different. Quantitative analysis based on height images of the cell 
further show the significant morphological change during the process. Two parameters of the cell 
morphology are obtained via analyzing the height images: a) surface area (with cytoplasm) of the 
cell decreased from 3.2 μm2 to 0.6 μm2. b) Cell height at the central area decreased from 750 nm 
at 0 hour to 60 nm at 3 hours.  
As a control experiment, cells without any Cu treatment were monitored at the same time 
intervals using AFM imaging. As expected, untreated E. coli cells in PBS did not show collapse 
and leakage of cytoplasm over a 3 hours period (Figure 7.2), implying that the changes in Figure 
7.1 were indeed, induced by the Cu particles. Furthermore, a conventional approach was used to 
evaluate the effect of Cu on E. coli morphology by three individual steps including incubating 
cells with copper particles, sampling out small amount of cells at different time points and 
imaging the cells in air. As shown in Figure 7.3, the morphological changes on the cells with the 
increase of incubation time are similar to the single cell study. Before incubation with copper 
microparticles, the cell structures were intact. After 1 hour of incubation, some of the cells 
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collapsed from the peripheral areas. After 3 hours of incubation, most of cells became flat, 
implying the collapse of cell and leakage of cytoplasm. It may be noted that some advantages of 
observing single cells versus ensembles come from being able to observe unique cells and 
precise cellular features that are typically averaged out over populations.  
 
 
Figure 7.1. AFM imaging of Cu treated E. coli in real time and in aqueous environment. (a)-(d) 
are height images of cells at 0 hour (before addition), 1 hour, 2 hours and 3 hours (after 
addition), respectively. (e)-(h) are corresponding amplitude images. A steady decrease in cell 
size is clearly noted. Scale bars: 500 nm. 
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Figure 7.2. AFM imaging E. coli in PBS buffer over 3 hours. (a) and (b) are height images of 
cells at 0 hour and 3 hours. (c)-(d) are corresponding amplitude images. Scale bars: 500 nm. 
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Figure 7.3. AFM imaging Cu treated E. coli. in air (a)-(c) are height images of cells at 0 hour 
(prior to addition), 1 hour and 3 hours (after addition), respectively. (e)-(h) are corresponding 
amplitude images. Scale bars: 1 μm. 
 
7.3.2 The effect of Cu on E. coli cell surface hydrophobicity in real time 
Nanoscale AFM imaging above showed that Cu induced cell membrane damage and cytoplasm 
leakage. This raises a deeper question in terms of precisely how the Cu affects and damages the 
cell membrane. To answer this question, we focused on the change of cell surface biochemical 
nature during the treatment. AFM based chemical force microscopy (CFM) was used to 
characterize cell surface biochemical nature by mapping the nanoscale hydrophobicity 
distribution on the E. coli surface. The surface hydrophobicity of E. coli originates from the 
hydrophobic contents on the cell surface, including lipids and hydrophobic membrane proteins 
[290]. These are typically relevant to its adhesion to inanimate surfaces as well as their 
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interaction with antimicrobial peptides [288, 289]. Hydrophobicity can therefore be an important 
biomarker to evaluate the cell surface biochemical changes during Cu treatment. Specifically, 
using methyl (-CH3) functionalized AFM tips as probes, interaction forces between the tip and 
surface hydrophobic groups on bacteria can be measured. This technique enables us to map out 
spatial distributions of hydrophobic groups as well as their changes in real time [9, 73]. 
Figure 7.4 shows the overlaid height and interaction force maps of the E. coli at different time 
intervals. An excellent correspondence can be observed between the cell profiles in the height 
map and a simultaneous increase of the adhesion events at the same areas. Figure 7.4a indicates 
that the cell surface hydrophobicity was homogeneously distributed prior to addition of Cu. After 
incubation with the Cu particles, both the interaction forces and adhesion events on cell surfaces 
decreased at 1.5 hours and 3 hours (Figure 7.4b, 7.4c). As a quantitative measure, two 
parameters can be used to estimate the magnitude of hydrophobicity on single cells: a) the 
average interaction force value on single cell surface, and b) the binding percentage which is 
calculated as a percentage of adhesion events to the total number of traces collected on the cell 
surface. The hydrophobicity of the E. coli at 1.5 hours (~92 pN and 81%) and 3 hours (~65 pN 
and 43%) is calculated to be much lower than E. coli at 0 hour (~132 pN and 91%) (Figure 7.5c). 
As a control experiment, adhesion force maps were collected on E. coli in PBS at different time 
points in 3 hours. Figure 7.5a and 7.5b indicates that cell surface hydrophobicity did not change 
in 3 hours. Overall, this hydrophobicity mapping on single cells provides a unique look at the 
spatial profile of the cell surface and its biochemical nature. It shows that the entire cell surface 
hydrophobicity decreases with the action of Cu. 
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Figure 7.4. Overlay of force and height profiles for the hydrophobicity on E. coli cell surfaces 
before (a, 0 hour) and after adding 100 μg/ml of copper microparticles (b, 1.5 hours and c, 3 
hours). (d) Height map of the E. coli at 3 hours. Scale bars: 500 nm. The color of pixels indicates 
the magnitude of force value. 
 
 
Figure 7.5. Control experiment: Overlay of force and height profiles for the hydrophobicity on 
E. coli cell surfaces in PBS in 3 hours. (a) 0 hour. (b) 3 hours. Scale bars: 500 nm. (c) Analysis 
of force values and binding % shows the hydrophobicity of single E. coli cells decreased after 
adding copper microparticles. Control experiment shows the hydrophobicity does not change in 
PBS in 3 hours. The data are from three independent experiments for each system. 
 
7.3.3 Antimicrobial mechanism of Cu 
Several models for the interaction of different antimicrobial agents such as peptides with 
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bacterial membranes have been proposed, including barrel stave [265, 266], toroidal pore [268, 
310] and carpet models [269-271]. For instance, these models describe the process of attachment 
to, and insertion into membrane bilayers to form pores that disrupt and kill the cell. In an earlier 
report, we showed how synthetic amphiphilic polycations structurally mimic naturally occurring 
antimicrobial peptides [74-76], and kill cells by a carpet mechanism, resulting in little observable 
cell damage. The mechanism of bacterial kill involved cell membrane disruption by ionic 
interactions between the polycations and the bacterial membrane [263, 264]. Significantly, the 
cells were killed without any changes to the surface morphology, but accompanied by a drastic 
reduction in surface hydrophobicity owing to carpeting of the surface by the polycation [311]. In 
contrast, here the morphological change of the E. coli shown in Figure 7.1 indicates the leakage 
of cytoplasm. Effectively, the cell is completely damaged (~80% loss of surface) with an 
increase of incubation time and the leakage of cytoplasm is observably due to damage to the cell 
membrane.  
Similar morphological changes (membrane damage and cytoplasm leakage) induced by metallic 
particles were observed by AFM imaging in previous studies. For example, after copper iodide 
treatment, AFM imaging showed that both the Gram negative DH5α and positive Bacillus 
subtilis cells lost their cytoplasm and became flat because of cell membrane damage [308]. In 
another report, magnesium oxide resulted in the considerable change of E. coli cell membrane, 
and the leakage of cell content [293]. Grass et al. proposed that copper metal surfaces kill the 
bacteria by damaging cell membrane as the first critical step, and followed by successive events 
including Cu influx into the cells, oxidative damage, cell death, and DNA degradation [291]. 
Thus, cell membrane damage has often been postulated as the first possible killing mechanism of 
Cu particles.   
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As mentioned above, one of the most accepted mechanisms of the antimicrobial action of 
metallic particles is that the released metal ions penetrate into the cell membrane. It may be 
noted that here even though our particles were filtered to below 0.45 µm, the release of ions 
happens for both micro and nanosized particles. In our study, the concentration of Cu+ was 
estimated to be 0.7 µmol/ml. The study of embedded microparticles in polymer matrices further 
confirmed that the antimicrobial effect of Cu tends to be related to metal ion release rather than 
the penetration of the cell membrane by the particle itself [300]. These raise the second possible 
kill mechanism of Cu, wherein released ions enter the cell and cause toxic effects such as 
generation of reactive oxygen species (ROS), and subsequent lipid peroxidation, protein 
oxidation and DNA degradation in cells [303, 306]. Specifically, Cu+ and Cu2+ can act as 
catalysts in Fenton-like reactions to generate ROSs such as O2• and OH•, that can participate in a 
number of reactions detrimental to cellular molecules, such as the oxidation of proteins and 
lipids [312]. Also, it was reported that the entered ions can bind with intracellular sulfur-
containing amino acids, leading to denaturation of protein and bacterial death [313, 314]. 
It should be noted that previous studies on the antimicrobial mechanism of copper (particles and 
surfaces) considered membrane damage or ROS generation as independent events or successive 
events proceeding from cell membrane damage to ROS generation [291, 308]. The AFM-based 
hydrophobicity mapping in real time was able to further observe this mechanism from the 
perspective of cell surface biochemical nature. The decrease of hydrophobicity on cell membrane 
over the incubation time can be explained by considering the initial generation of ROS, followed 
by subsequent lipid peroxidation and protein oxidation. The biochemical changes of the lipids 
and proteins decreased the hydrophobicity of cell membrane, since the initial hydrophobicity of 
the cell membrane is known to arise from lipids and hydrophobic region of proteins. Membrane 
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damage and ROS generation can therefore be considered to be integrated modes of copper 
antimicrobial activity. ROS generation caused by Cu ions affects the biochemical nature of 
membrane lipids and proteins, leading to the membrane damage and cytoplasm leakage. A 
reasonable sequence may therefore be hypothesized based on our results - ions penetrate into the 
cell membrane, generate ROS. This then causes a change in membrane permeability, leading to 
further ions entering the cell in a feedback loop. Finally, the cell membrane disintegrates 
completely, resulting in leakage of the cell cytoplasm. 
 
 
7.5 Conclusions 
 
In this chapter, in situ AFM was used for the analysis of the antimicrobial effect of copper 
particles on live E. coli. The ability to image live cells in real time and a liquid environment 
enabled observation of changes at the level of a single cell. Morphological changes to the 
membrane including damage and cytoplasm leakage were observed during Cu particle treatment, 
most significantly on the same cell over time. Further, chemical force microscopy showed that 
Cu decreased the hydrophobicity with the increase of incubation time, indicating a dramatic 
change in the cell surface biochemical nature. Based on these results, the antimicrobial 
mechanism of Cu was proposed to include the generation of reactive oxygen species caused by 
Cu ions that affect the biochemical nature of membrane lipid and protein, leading to the 
membrane damage and cytoplasm leakage. Taken together, the real time AFM approach here 
clearly elucidates the antimicrobial mechanisms of Cu particles at the single cell level and will 
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provide important insights into the mechanisms of action and design of metallic antimicrobial 
agents. 
 
 
[This chapter contains results that have been submitted for publication in: 
Wang C, Ehrhardt C,Yadavalli VK, “Nanoscale observation of the antimicrobial effect of 
copper on bacterial surfaces” in Applied Microbiology and Biotechnology, November 2015] 
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CHAPTER 8 
HYDROPHOBICITY PROFILES OF BACILLUS CEREUS AT THE SINGLE SPORE 
LEVEL 
 
 
8.1 Introduction 
 
Members of the Bacillus ACT group (anthracis, cereus and thuringiensis) are able to transform 
into metabolically dormant states called spores. Spores are particularly important from a public 
health perspective owing to their relevance in foodborne illnesses and bioterrorism [171, 315, 
316]. These constructs have a common structure consisting of several concentric layers: an inner 
core surrounded by a cortex and a coat with an additional loose balloon-like outer layer called 
the exosporium. This durable architecture makes them resistant to many harsh conditions such as 
heat treatment and disinfection procedures [66]. It is now well known that these spores possess 
unique hydrophobic surface property, making them tend to adhere to the hydrocarbon phase of 
hexadecane-aqueous partition system [67]. The spore surface hydrophobicity is closely related to 
their adhesion to inanimate surface and phagocytic cells [59, 60], escape from macrophages [61], 
pathogenicity [62], and germination [63]. Thus, the characterization and understanding of 
Bacillus cereus spore surface hydrophobicity has great fundamental and applied importance. 
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To date, surface hydrophobicity of various species and strains of bacilli has been well studied 
using several methods including microbial adhesion to hydrocarbons (MATH) [67], hydrophobic 
interaction chromatography (HIC) [68], salt precipitation [69], and contact angle measurements 
[70]. The studied bacilli using these techniques involve B.  anthracis, B. cereus, B. thuringiensis, 
B. megaterium, B. subtilis, B. coagulans, E. coli, C. albicans and so on. However, one of the 
primary disadvantages of these approaches is that they need large populations of spores for the 
bulk scale analysis. Considering the initial heterogeneous distribution and limited quantity of 
spores within a sample, as well as further analysis needs, they often require of increasing the 
spore concentration in a sample prior to analysis. This sample enrichment process itself often 
requires 8-72 hours [317, 318]. However, in the case of a bioterrorist attack, each hour of 
detection delay could increase infections and spread [319]. Prior reports have shown that the 
bacilli spore surface hydrophobicity differs widely among species and strains [64-66]. The 
composition of cultivation media such as amino acid content, or the type of complex additives 
could significantly affect the lipid composition of bacterial cultures. The lipid profile is itself 
useful in forensic investigations, e.g.: retracing culture condition and sample source [320]. This 
raises an intriguing question: does the culture medium affect Bacillus cereus spore surface 
hydrophobicity? Using MATH and HIC assays, Koshikawa et al. [321] and Wiencek et al. [65] 
studied the surface hydrophobicity of B. megaterium and B. subtilis spores in different culture 
media and concluded that culture media did not affect bacilli spore surface hydrophobicity. 
However, the B. megaterium and B. subtilis are genetically distant from Bacillus ACT group 
[169]. Also, considering their different structures (megaterium, thuringiensis, cereus, and 
anthracis with exosporium versus subtilis without exosporium), the previous conclusion that 
culture media did not have effect on bacilli spore surface hydrophobicity may not be able to 
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apply to the ACT group.  The effect of the culture medium on the hydrophobicity of the spore 
surface of the ACT group is still unclear. Thus, this emphasizes the real need to develop a facile, 
rapid and sensitive technique to characterize the surface hydrophobicity of the ACT group spores 
using minimal amount of samples. 
Atomic force microscopy (AFM) based chemical force microscopy (CFM) has rapidly emerged 
as an important tool in microbiology [71, 72]. Specifically, using functional AFM tips as probes, 
adhesion forces between tip-bound groups and surface hydrophobic groups on bacteria can be 
measured. This technique enables researchers to map out spatial distributions of hydrophobic 
groups [9, 73]. The unique advantage of CFM is the ability to investigate single spore under near 
physiological environments in a non-destructive fashion. Previously, the hydrophobicity profiles 
of Aspergillus fumigatus spores and Mycobacterium bovis were reported [322, 323]. Previous 
chapter also has shown the versatility of this technique for detecting specific biomarkers on B. 
cereus vegetative cells and spores at the nanoscale [58]. However, to date, there have been no 
reports on surface hydrophobicity of B. cereus (or ACT group) single spores and the effect of the 
culture medium on their surface hydrophobicity.  
In this chapter, the surface hydrophobicity profiles of bacterial spores at the single cell level and 
their variation as a function of the culture condition are studied. First, the CFM method for 
profiling B. cereus strain T spore hydrophobicity is developed. In contrast to earlier CFM studies 
which only observed localized areas on spore surfaces (typically less than 1×1 μm), the entire 
spore surface and its peripheral area are studied. The adhesion force value (as an index of 
nanoscale surface hydrophobicity) and its spatial distribution enable to distinguish highly 
hydrophobic exosporium and moderate hydrophobic spore coat.  Second, the effect of different 
culture media on spore surface hydrophobicity is investigated by CFM and compared with a bulk 
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scale HIC assay. Both methods indicate that culture media did not affect spore surface 
hydrophobicity significantly owing to the similar highly hydrophobic exosporium, while CFM 
shows an interesting hydrophobicity difference on spore coat in different culture media. Overall, 
CFM as a chemically sensitive imaging method offers a new way for studying the nanoscale 
surface hydrophobicity of single spore. The evaluation of culture medium effect on single spore 
surface hydrophobicity will provide more useful information for forensic investigation purpose 
such as retracing spore culture processes and sources.   
 
8.2 Experimental section 
 
8.2.1 Materials and instrumentation 
1-undecanethiol, 3 aminopropyltriethoxysilane (APTES) and glutaraldehyde were purchased 
from Sigma-Aldrich (St. Louis, MO). Phosphate-buffered saline (PBS pH 7.4) (11.9 mM 
phosphates, 137 mM sodium chloride and 2.7 mM potassium chloride) and ethanol (200-proof) 
were purchased from Fisher Scientific. Mica was purchased from Ted Pella (Redding, CA). 
Ultrapure water (resistivity 18.2 MΩ•cm) was obtained from a MilliQ water purification system 
(Millipore Scientific, MA). Gold coated TR800PB cantilevers (Olympus) were used for chemical 
force mapping.  
 
8.2.2 Cell culture and sporulation conditions  
Cultures of vegetative B. cereus (T-strain) were maintained at 30°C on Trypticase Soy Agar 
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(TSA) (30 g Trypticase soy broth, (211768, Becton Dickinson, Franklin Lakes, NJ) and 15 g 
agar (AB1185, American BioAnalytical, Natick, MA)). Starter cultures were grown by 
inoculating single colonies of B. cereus into 125 mL of Trypticase soy broth and incubating for 
24 hours at 30°C and 225 rpm. G Medium was used as the base sporulation formulation [183],  
and supplemented with peptone (BP9725, Fisher Scientific, Pittsburgh, PA) and tryptone (61184, 
Acros Organics, Waltham, MA)) (both at 8 g/L). Sporulation was performed by adding 1 mL of 
starter culture into 250 mL of sporulation medium and incubating at 30°C and 275 rpm in an 
orbital shaker. Sporulation media include G medium (G), G medium with peptone and tryptone 
(G+P, G+T).   
 
8.2.3 Sample preparation for atomic force microscopy (AFM) imaging 
Aminopropyl-mica (AP-mica) coupled with glutaraldehyde was used to immobilize spore 
samples. Freshly cleaved mica was incubated in APTES vapor in a vacuum desiccator for 12 
hours. The AP-mica was immersed in 1 mL 2% (v/v) glutaraldehyde water solution for 1 hour 
and rinsed with ultrapure water. A 10 µL spore suspension was spotted and incubated for 30 
minutes. Finally, the mica was rinsed with PBS to remove the loosely-immobilized spores. For 
making spore suspension, 1 mL spore suspension was taken from the culture medium and placed 
into a sterile 2 mL centrifuge tube. Spores were collected by low speed centrifugation (1 minute, 
4°C, 4000 rpm). Each pellet was re-suspended and washed two times with 2 mL sterile ultrapure 
water. Finally, the pellet was resuspended in 2 mL PBS buffer and kept in refrigerator (4°C) 
before use. 
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8.2.4 AFM probe functionalization and chemical force mapping 
Gold coated cantilevers were cleaned in UV/ozone for 15 minutes. Cantilevers were 
functionalized via immersion in1-undecanethiol solution in ethanol for 16 hours to obtain CH3 
terminated group on probe surface. Then the cantilevers were rinsed with ethanol to remove 
unbinding 1-undecanethiol. Subsequently, CH3-functionalized cantilevers (spring constant 
~0.16 N/m, resonance frequency 22 kHz) were used to obtain force data on spores in PBS 
buffer. Each experiment was repeated on at least 3 different B.cereus spore surfaces. Force-
distance curves were obtained by collecting a series of sequential force curves in an m×n grid. 
Each force curve was obtained at the same loading rate (135 nN/s, at a ramp velocity of 900 
nm/s) by pressing the cantilever to a low trigger point (200 pN), allowing binding to occur 
(contact time 0.1 second), and then retracting. All force maps were obtained by collecting 
~80×80 force curves over a defined area (~2μm×2μm), estimating the adhesion force values, 
and displaying these values by scale of color. The height maps of the same area were generated 
simultaneously as the force mapping occurred. All images including height and force maps 
were performed using custom routines in Igor Pro 6.32 A (Wavemetrics Inc, OR) for fast 
processing of data.  
 
8.3 Results and discussion 
 
8.3.1 Single spore profiling of hydrophobicity using CFM. 
Owing to the ability to measure adhesion forces with piconewton sensitivity and characterize 
biological surfaces with nanoscale resolution under near physiological conditions, CFM has been 
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a fascinating technique to visualize the spatial hydrophobicity distribution on microorganism 
surfaces at the single cell level. For instance, Dague et al. used CFM to track the hydrophobicity 
change during Aspergillus fumigates spore germination and Mycobacterium bovis treated by 
isoniazid [323]. However, these studies only focused on small areas of the cell surface (700×700 
nm2 on Aspergillus fumigates spore and 400×400 nm2 on Mycobacterium bovis). The primary 
reason for this was that the microorganisms were immobilized by mechanical trapping into 
polycarbonate membranes, and thus only the middle area of the microorganisms could be 
accessed by AFM probe. Here, the chemical immobilization method is able to expose the entire 
spore surface and its peripheral area without affecting spore surface biochemical properties [58]. 
This is important and useful for ACT group spore analysis because the loose balloon-like outer 
layer called exosporium can collapse at the peripheral area of the spore during sample 
preparation and dehydration. It is the exosporium that plays an important role in surface 
hydrophobicity of ACT group spores [321, 324].  
To spatially map the hydrophobicity of B. cereus surface, CFM was conducted in a liquid 
microenvironment using –CH3 functionalized AFM probe. The quantitative force value at each 
spot enables to visualize the nanoscale variations of hydrophobicity on single spores. Figure 8.1 
shows the height and adhesion force maps of the spores grown in different media. An excellent 
correspondence can be observed between the spore profiles in the height map and a simultaneous 
increase of the adhesion events (increase of surface hydrophobicity) at the same areas. However, 
it can be observed that the hydrophobicity distribution on each force map is not homogeneous. 
There are three typical areas on each force map: I. Highly hydrophobic area with high adhesion 
force (larger than ~1.8 nN shown as blue area on force map — peripheral area of the spore in 
Figure 8.1b and 8.1f, and partial area on the spore surface in Figure 8.1d). II. Less hydrophobic 
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area with adhesion force between 0.2 nN and ~ 1.8 nN (shown as light red, light blue and white 
areas on force map — as marked, the entire spore surface area on Figure 8.1b and 8.1f, and 
partial area on the spore surface in Figure 8.1d); III. Hydrophilic area with minimal adhesion 
force (smaller than ~0.2 nN shown as red area on force map).The highly hydrophobic area (I) is 
associated with the exosporium, which has sufficient amount of hydrophobic protein and lipid 
contents and plays a major role in spore surface hydrophobicity [321]. Interestingly, the 
combination of height and force map indicates that the exosporium has different states (locations 
and orientations) on each spore because of its loose binding and fragility [325], vividly depicting 
the exosporium movements during sample preparation. For instance, in Figure 8.1b and 8.1f, the 
exosporium collapsed at the peripheral area of spores and the underneath spore coat was then 
exposed. In Figure 8.1d, half of the exosporium fell off and half of it was still on spore surface. 
As shown on force maps, the less hydrophobic area (II) represents the moderate hydrophobic 
spore coat after the exosporium collapsed and fell off. Here, the force value as an index of 
surface hydrophobicity offer a new way to distinct the highly hydrophobic exosporium and 
moderate hydrophobic spore coat at the single spore level. This analysis is based on previous 
studies showing that both exosporium and spore coat contributes to spore surface hydrophobicty 
wherein exosporium is more hydrophobic than spore coat. For example, the removal of 
exosporium significantly reduced the spore surface hydrophobicity [324] and conversely, the 
hydrophobicity can be used as a marker for exosporium removal [326]. However, the spore coat 
still has hydrophobic sites due to the presence of spore coat hydrophobic proteins [68]. In 
addition, the red areas (III) without interaction on force maps are due to the hydrophilic substrate 
background and hydrophilic content on spore surface. 
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Figure 8.1. The height (left) and adhesion force (right) maps of the spores grown in different 
media. (a) and (b): G+T medium. (c) and (d): G+P medium. (e) and (f): G medium. 
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It should be noted that the different locations and orientations of exosporium in Figure 8.1 do not 
represent its typical states in different culture media. In other words, the culture media do not 
affect the exosporium states on spore surfaces. For example, Figure 8.2 a-d shows two different 
exosporium states of spores grown in the same culture medium (G+P). Figure 8.2b shows the 
exosporium was covering the entire spore coat, whereas Figure 8.2d reveals that half of the 
exosporium lost probably during the mechanical force during sample preparation. Interesting, the 
height difference along the breakage area on height map (Figure 8.2c) is ~30 nm, consistent with 
the reported thickness of B. cereus exosporium [194]. Also, the height map and force map show 
the identical boundary along the broken exosporium on spore surface. This further verifies our 
assumption   (the high adhesion area I is exosporium and weak adhesion area II is spore coat) is 
correct. To further confirm the specificity of hydrophobic interaction between -CH3 
functionalized AFM probe and hydrophobic contents on spore surface, a control experiment was 
conducted using acetone washing prior to force mapping of single spores since the acetone 
washing is expected to remove the hydrophobic contents on spore surface [327]. Figure 8.2f 
shows the force map of spore after acetone treatment probing by -CH3 functionalized AFM 
probe. As expected, minimal adhesion events can be observed on the spore surface, implying that 
the observed interaction between the -CH3 functionalized probe and the spore surfaces are due to 
the spore surface hydrophobicity in nature.  
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Figure 8.2. (a-d) Two different exosporium states of spores grown in the same culture medium 
(G+P). (e, f) Control experiment: the spore after acetone treatment probing by -CH3 
functionalized AFM probe. 
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8.3.2 The effect of culturing conditions on the spore surface hydrophobicity. 
The second goal of this study was to determine whether culture media could affect B. cereus 
spore surface hydrophobicity. If so, the spore surface hydrophobicity profiling may provide 
useful information about the production processes of Bacillus organisms in a forensic 
investigation. Figure 8.3 shows the bulk scale analysis (HIC) of B. cereus hydrophobicity grown 
in different culture media. The percentage of retention can be used to estimate the spore surface 
hydrophobicity. The spores grown in all three different culture media show high retention in 
hydrophobic columns (~80%), consistent with the HIC retention value of the same strain(~85%, 
B. cereus T) in a previous study [321]. Also, from the close retention values (~84% in G+P, 
~82% in G and ~79% in G+T), it seems that culture media did not affect the B. cereus spore 
surface hydrophobicity significantly, which is similar with B. megaterium and B. subtilis spores 
grown in different culture media [65, 321]. 
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Figure 8.3. The bulk scale analysis (HIC) of B. cereus hydrophobicity grown in different culture 
media. (left) 
Figure 8.4. Average force values on spore surfaces (exosporium and spore coat). (right) 
 
 
This conclusion is also reasonable after incorporation with the CFM results. By quantitative 
analysis at least five single spores in each culture medium, we found that average adhesion force 
values on spore exosporium (area I: blue areas on force map) are close in different culture media 
(Figure 8.4). This provides a biophysical evidence to explain the similar retention % in HIC from 
a nanoscale perspective. Specifically, because the adhesion force values acquired at each single 
point (unit area around 20×20 nm) on exosporium are close, the bulk scale hydrophobicity of 
spore is similar in different culture media, assuming the exosporium covered the entire surface of 
all the spores or these spores are the mixture of many spores with different extent of exosporium 
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losing in HIC. Also, the high average adhesion force values on exosporium further demonstrate 
the primary role of exosporium in spore surface hydrophobicity. Interestingly, the adhesion force 
values on exosporium shows similar trend with HIC retention values (~4.2 nN in G+P, ~3.7 nN 
in G and ~3 nN in G+T). However, due to the different methodology and sensitivity of the two 
techniques, we cannot over-interpret the data here. 
As discussed before, CFM, as a nanoscale and chemically sensitive imaging technique, offers a 
unique advantage over bulk scale methods- nanoscale distribution of hydrophobicity are 
presented on single spores. The force maps have shown different exosporium states after spore 
immobilization: a. collapsed on peripheral areas of spores; b. part of it fell off. These two 
situations provide us opportunities to deconvolute the highly hydrophobic exosporium (area I) 
and weakly hydrophobic spore coat moderate (area II). Unlike the close adhesion force values on 
exosporium, the quantitative analysis shows that average adhesion force values on spore coat 
(area II) are different in different culture media (~0.34 nN in G+P, ~0.12 nN in G and ~0.65 nN 
in G+T Figure 8.4). One speculation is that peptone and tryptone as protein source supplements 
in culture media have direct biosynthetic relationship with spore coat hydrophobic protein and 
other hydrophobic contents such as fatty acid [328], and thus increase the spore coat 
hydrophobicity. This speculation is based on previous studies which reported the amount of 
nutrient in growth media affected protein expressions and relevant spore properties [329]. For 
instance, Hornstra et al. [183] found that the average transcription level of the ger operons 
(encoding germination receptors) per B. cereus spore was higher in a nutrient-rich medium (Y1 
medium) and lower in a nutrient-poor medium (modified G medium). As a result, the number of 
germination receptors was higher in spores prepared in Y1 medium, leading to higher 
germination rates and efficiencies. Another study on B. subtilis spore [330] also showed similar 
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result, in which spores grown in a nutrient-rich medium germinated faster than spores in a 
nutrient-poor medium due to the different expression level of germination receptors. Therefore, 
in this study, the G medium with peptone/tryptone (G+P and G+T) can be classified as a 
nutrient-rich medium, whereas G medium (G) can be grouped into a nutrient-poor medium. The 
higher hydrophobicity of spore coat in nutrient-rich media may be related to the higher 
expression of hydrophobic protein on spore coat. Further work is needed to clarify the 
biosynthesis route of spore coat protein and fatty acid, as well as their specific correlation with 
spore surface hydrophobicity. However, the use of CFM here helps us to re-evaluate the result of 
HIC since the high hydrophobic exosporium may hide the culture media effect on spore surface 
hydrophobicity such as the moderate hydrophobic spore coat beneath the exosporium. Overall, 
CFM provides a nanoscale angle to resolve surface properties of single spore and this may be an 
important complementary technique for retracing the production methods (e.g. culture medium 
fomula) of Bacillus organisms in a forensic investigation.  
 
 
8.4 Conclusions 
 
In this chapter, the CFM method is developed for profiling B. cereus strain T spore 
hydrophobicity at the single spore level. Both the entire spore surface and its peripheral area are 
mapped by hydrophobic AFM probe. The adhesion force value and its spatial distribution enable 
to distinguish highly hydrophobic exosporium and moderate hydrophobic spore coat. As a 
control experiment, acetone washing is used to remove hydrophobic contents on spore surface 
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which is confirmed by CFM images. Then both CFM and HIC methods indicate that culture 
media did not affect spore surface hydrophobicity significantly owing to the presence of similar 
highly hydrophobic exosporium. Interestingly, CFM shows the hydrophobicity difference on 
spore coat in different culture media, which enables to distinct nutrient rich or nutrient poor 
culture medium. Taken together, CFM as a chemically sensitive imaging method offers a new 
way for studying the nanoscale surface hydrophobicity of single spore. The evaluation of culture 
medium effect on single spore surface hydrophobicity at the nanoscale will provide more useful 
information for forensic investigation purpose such as retracing spore culture processes and 
sources.   
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CHAPTER 9 
DNA MAPPING ON HUMAN EPITHELIAL CELL SURFACES 
 
 
9.1 Introduction 
 
At the scene of a crime, suspects may usually leave behind few epithelial cells (such as palm and 
buccal cells) due to their body or body fluids touching a surface. Owing to the limited quantity of 
such cell samples, it is often difficult to conduct bulk scale analysis. Therefore, tools for the 
analysis of epithelial cell at the level of a single or few cells are useful for forensic identification. 
While most DNA is localized to the cell nucleus, evidence has been presented for the existence 
of other forms of DNA associated with the outer leaflet of the plasma membrane [331]. These 
cell membrane-associated DNAs (mDNAs), also called extracellular DNA (eDNA), originate at 
the cell nucleus and are expressed at the cell membrane. The function of mDNAs is still unclear. 
Previous study has shown that mDNAs can serve as specific targets for IgG autoantibodies in 
systemic lupus erythematosus (SLE) patients [332]. In addition, cell surfaces may loosely bind 
DNA that originates from body fluid or other sources. For example, buccal cell surface DNA 
comes partially from broken white blood cells in saliva. Palm cell surface may have DNA after 
touching some public surfaces or body fluid. Therefore, detecting and mapping the cell surface 
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DNA on single epithelial cells including mDNA and loosely binding DNA could be a novel 
means to identify suspects at the single cell level.  
In a previous report, lactoferrin has been demonstrated to be a cell membrane-DNA binding 
protein [333]. In this chapter, AFM force mapping coupled with lactoferrin as the bioprobe were 
used to detect cell surface DNA on single epithelial surfaces. Buccal cells and palm cells from 
three different donors are studied. By calculating the binding percentages, it is interesting to see 
that cell surface DNA contents tend to be different on different donors. As a control, the same 
cells (same areas on mica) were imaged before and after (1 hour) the addition of DNase. The 
significant decrease of binding % further confirms the specificity of lactoferrin and cell surface 
DNA interactions. Thus cell surface DNA profiling could be a potential tool for forensic 
identification at the single cell level.   
 
 
9.2 Experimental Section 
 
9.2.1 Materials 
(1-Mercaptoundec-11-yl) hexaethylene glycol (Oligoethylene glycol (OEG) terminated thiol), 
HS-C11-(EG)6-OH, and (1-mercaptohexadecanoic acid)-N-succinimidyl ester (NHS terminated 
thiol), HS-C15COO-NHS, were purchased from NanocsInc. (Boston, MA). Lactoferrin and 
DNase II were purchased from Sigma-Aldrich (St. Louis, MO). Phosphate-buffered saline (PBS 
pH 7.4) (11.9 mM phosphates, 137 mM sodium chloride and 2.7 mM potassium chloride) and 
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ethanol (200-proof) were purchased from Fisher Scientific (Waltham, MA). Mica was purchased 
from Ted Pella (Redding, CA). Ultrapure water (resistivity 18.2 MΩ.cm) was obtained from a 
MilliQ water purification system (Millipore Scientific, MA). AC240TS cantilevers (Olympus) 
were used for non-contact mode imaging in air, while gold coated TR800PB cantilevers 
(Olympus) were used for force measurements.  
 
5.2.2 Cell collection 
Buccal cells were collected using cotton swab. Palm cells were collected by rubbing palms on 
centrifuge tube. For washed cells, the collected cells were washed three times in water by high 
speed centrifugation.  
 
5.2.3 Sample preparation for AFM 
Cells were immobilized using the poly-L-lysine fixation method described earlier. Mica was 
coated with poly-L-lysine to increase the adherence of the cells. Freshly cleaved mica was 
immersed for 10 minutes in a solution of 0.05 mg/ml poly-L-lysine hydrobromide and 10 mM 
Tris (pH 8.0). The surface was then covered and dried vertically overnight at room temperature. 
The coated mica was stored at room temperature and was used within one week. Concentrated 
cells suspended in PBS were deposited on the coated mica and incubated for 30 minutes. The 
cells were kept hydrated at all times. Excess cells were rinsed off with three washes of 1 ml 
water. Images were taken in PBS using non-contact mode imaging. To observe the cells in situ 
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and in real time, the same cells (same areas on mica) were imaged before and after (1 hour) 
addition of DNase (control experiment).  
 
5.2.4 AFM probe functionalization and force recognition mapping 
AC240TS cantilever (spring constant ~2 N/m, resonance frequency 70 kHz) were cleaned using 
high-intensity UV light to remove organic contamination and used for imaging in air and 
characterization of the surfaces in non contact mode. Gold coated cantilevers were cleaned in 
UV/ozone for 15 minutes. The gold cantilevers were then functionalized by immersion in mixed 
thiol solution (HS-C11-(EG)6-OH and HS-C15COO-NHS) in ethanol for 16 hours [87]. 
Cantilevers were rinsed with ethanol, and incubated in a 100 nM lactoferrin in PBS buffer for 1 
hour at ambient temperature. Our group has earlier shown that this functionalization strategy 
limits the number of proteins on the tip surface to 1-3 [102]. Lactoferrin-functionalized 
cantilevers (spring constant ~0.15 Newton/meter (N/m), resonance frequency 15 kHz) were then 
used to obtain force data on cells in PBS. Each experiment was repeated on at least 3 different 
cells. Force curves were obtained by collecting a series of sequential force curves in an m×n grid 
(an array with m lines and n points per line). Each force curve was obtained at the same loading 
rate (135 nN/s, at a ramp velocity of 900 nm/s), allowing binding to occur (contact time 0.1 
second), and then retracting. 50×50 force curves were collected over a defined area and 
unbinding forces were displayed on a scale of color. The height maps of the same area were 
generated simultaneously. As a control, DNase experiments were performed by a buffer 
exchange of PBS containing 100μg/ml DNase in the fluid cell. All images including height and 
force maps were analyzed using custom routines in Igor Pro 6.32 A (Wavemetrics Inc, OR).  
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9.3 Results and discussion 
Initially, AFM imaging was used to image the nanoscale morphology of human epithelial cells. 
Figure 9.1 shows the different morphology of single buccal and palm cells. Buccal cells are flat, 
thin, and have a nucleus in the center, whereas palm cells are thicker and have no nucleus. 
Interestingly, the cell morphology did not change after being exposed for two or three weeks in 
air. Here, although AFM imaging can distinguish between buccal and palm cells from their 
morphology, it is not possible to identify specific donors.  
 
Figure 9.1. AFM imaging of morphology of single buccal (a, b) and palm cell (c, d). Scale bars: 
10 μm. 
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According to the binding % calculation, the DNA content is the same, whether calculated on the 
entire cell surface or a smaller area of the cell. Both unwashed and washed cells were studied 
(Table 9.1-9.4). The hypothesis is that unwashed cell surfaces contain both mDNA and loosely 
binding DNA, whereas washed cell surfaces only contain mDNA, which is tightly binding. After 
washing three times, the DNA content is close across different donors for both buccal and palm 
cells (Table 9.2 and 9.4). It can be seen that buccal cells have more mDNA than palm cells, 
which implies that most of the DNA on palm cells originated from “touch” DNA, which is 
loosely binding.  In contrast, unwashed cells show different DNA contents across different 
donors (Table 9.1 and 9.3). Therefore, unwashed cells can potentially be more useful for 
differentiating the donors. However, in buccal unwashed cells, “H73” and “D11” have similar 
DNA content. In palm unwashed cells, “CES and H73” have close DNA content. One solution 
could be the use of a combination of buccal and palm cell; each donor will have characteristic 
values in terms of cell surface DNA content. For instance, “H73 and D11” have similar DNA 
contents on buccal cells, but the DNA contents are different on palm cells. 
To confirm the specificity of lactoferrin to cell surface DNA, a control experiment was 
conducted by adding DNase solution into the force mapping micro-environment. The same area 
was monitored in real time on unwashed palm cells before and after incubation with DNase. 
Table 9.5 shows that cell surface DNAs decreased after DNase incubation, implying the 
detection of DNAs on untreated cell is from DNA- lactoferrin interactions.  
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Figure 9.7. DNA force mapping of an entire single buccal cell (a, height map. b, force map. 
Scale bars: 10 μm) and a smaller area (a, height map. b, force map. Scale bars: 0.5 μm) of the 
same buccal cell. 
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Table 9.1.-9.4. DNA mapping on buccal and palm cells using lactoferrin. 
Table 9.1. Unwashed buccal cells from three donors. Three individual cells were analyzed for 
each donor.    
Donor name Unwashed I II III Mean and SD 
CES 9.37% 10.05% 9.99% 9.71±0.48% 
H73  16.2% 14.88% 16.64% 15.91±0.92% 
D11  15.12% 12.84% 14.36% 14.11±1.16% 
 
Table 9.2. Washed buccal cells from three donors. Three individual cells were analyzed for each 
donor.    
Donor name Washed I II III Mean and SD 
CES 6.46% 5.44% 6.45% 6.09±0.63% 
H73 5.08% 5.2% 7.8% 6.02±1.55% 
D11 4.32% 6.44% 4.92% 5.23±1.09% 
 
Table 9.3. Unwashed palm cells from three donors. Three individual cells were analyzed for 
each donor.    
Donor name Unwashed I Unwashed II Unwashed III Mean and SD 
CES 8.56% 9% 9.64% 9.07±0.54% 
H73  10.2% 9.6% 8.2% 9.33±1.02% 
D11  5.7% 3.8% 3.3% 4.27±1.27% 
 
Table 9.4. Washed palm cells from three donors. Three individual cells were analyzed for each 
donor.    
Donor name washed I washed II washed III Mean and SD 
CES 3.84% 2.64% 2.04% 2.84±0.92% 
H73  2.4% 2.24% 3.16% 2.60±0.49% 
D11  1.6% 2.12% 1.56% 1.76±0.31% 
  
Table 9.5. Control experiment: real time detecting DNA on unwashed palm cells before and 
after DNase incubation. 
Donor name Before adding DNase After adding DNase  
CES 8.76% 1.64% 
H73  11.8% 2.28% 
D11  6.69% 0.8% 
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9.4 Conclusions and future work 
 
Our preliminary results have shown cell surface DNA force mapping has the potential to 
differentiate different donors. However, the interaction of lactoferrin and cell surface DNA is 
primarily from electrostatic interactions. This increases the uncertainty of the detection since 
lactoferrin might interact with other negatively charged biopolymers on cell surfaces. Also, it is 
not possible to determine the specific sequence of DNA using this technique. Therefore, this 
nanoscale technique needs to be combined and compared with bulk scale analysis techniques 
such as DNA amplification for more conclusive results.  
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CHAPTER 10 
CONCLUSIONS, CHALLENGES AND FUTURE WORK 
 
 
10.1 Conclusions 
 
In summary, the research described in this dissertation is focused on the development and 
enhancement of integrated nanoscale imaging, and biophysical recognition of single cell surface 
biomolecules and further the understanding of fundamental biological processes at the nanoscale. 
This could lead to novel robust methods for the analysis of individual cells, via detection and 
assessment of changes in cell behavior and function over time either as a result of natural state 
changes or when perturbed. This research followed sequential steps leading to the goal of 
studying complex cellular surfaces:  
1. Fundamental investigation of the nature of the heparin-thrombin interaction was 
performed by AFM-based force spectroscopy. A protein-resistant and GAG-
functionalized surface for measuring interactions in different liquid environments was 
developed. The insights into the heparin-thrombin interaction from a force and energy 
viewpoint at the single molecule scale can provide better understanding of the 
mechanisms of blood (anti)coagulation under applied force or flow conditions. 
Furthermore, this chapter builds an AFM platform to study the single-pair molecular 
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interactions and facilitates subsequent AFM-based single molecules detection and 
mapping on various surfaces. 
2. Based on AFM-based force spectroscopy at the single molecular level, the location and 
distribution of single proteins were mapped using AFM-based force recognition mapping. 
Aptamers were highly stable and versatile against different targets such as human α-
thrombin and VEGF165 on mixed SAM surfaces. The overlay of height and force data on 
the same areas showed strong adhesion forces on high features at a resolution down to 10 
nm. The specificity of DNA aptamers to their targets was confirmed by heparin blocking 
and control experiments. These results demonstrate that DNA aptamers as bioprobes 
coupled with the force recognition mapping have the capability to localize specific 
proteins at a single molecule level, as well as detect changes in binding due to 
environmental changes. This chapter also enables the development of broader techniques 
to study living cell surface combining force recognition with spatial localization. 
3. B. cereus was selected as a model system to study the spatial distribution of cell surface 
carbohydrates and quantitatively assess the changes during a specific cellular process 
(sporulation) and under different micro-environments. By calculating the binding using 
different lectin probes, WGA and ConA, it was shown that surface molar ratios of 
Glu/Man:GlcNAc range ~1:4 on a vegetative cell but switch to ~3:1 on a spore. This 
leads to visualization of targets of interest and their changes on cell surfaces and the 
development of robust strategies for addressing specific cellular questions from nanoscale 
and single cell level. In addition, time-lapsed AFM imaging and elasticity mapping 
demonstrate the power of AFM applied in microbiology for multi-parametrically probing 
important biological processes at the single cell scale. 
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4. The spatial distribution and changes of the cell surface biomolecules were used for 
broader practical applications in single cell study:  
 Evaluating effect of inactivation methods and growth temperatures on Y. pestis 
using nanoscale imaging and carbohydrate mapping: the results provide insight 
into the tools for studying virulent pathogens with equipment that may not have 
elevated biocontainment capabilities - inactivation followed by nanoscale 
evaluation of the effects on cell morphology and surface bioactivity. 
Understanding how external microenvironments (temperature, irradiation), 
including those designed to inactivate the Y. pestis, affect the structure and 
biochemical behavior of the cell surface, can help us not only design better 
inactivation protocols, but also shed light on the in situ characteristics of 
pathogens. 
 Evaluating effect of antimicrobials on E. coli using real time nanoscale imaging 
and hydrophobicity mapping: unlike conventional methods, the same living cell 
was tracked over time to obtain a better picture of the mechanisms of 
copolyoxetane and copper microparticles behavior. The characteristic cell 
morphological and hydrophobicity change confirmed that the copolyoxetane 
molecules initially bind with cell membrane in a carpet-like fashion and further 
disturb the cell membrane. In contrast, the ROS generation caused by copper ions 
affected the biochemical nature of membrane lipid and protein, leading to the 
membrane damage and cytoplasm leakage. Taken together, the real time AFM 
approach clearly elucidates the antimicrobial mechanisms of copolyoxetane and 
copper microparticles at the single cell level and this will provide important 
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insights into mechanism of action of other similar antimicrobials. 
 Evaluating effect of culture media on B. cereus spore using hydrophobicity 
mapping: the CFM showed that the adhesion force value and its spatial 
distribution enabled to distinguish highly hydrophobic exosporium and moderate 
hydrophobic spore coat. The hydrophobicity difference on spore coat in different 
culture media potentially enabled to distinct nutrient rich or nutrient poor culture 
medium. The evaluation of culture medium effect on single spore surface 
hydrophobicity at the nanoscale provides more useful information for forensic 
investigation purpose such as retracing spore culture processes and sources.   
Overall, the localization of specific cell surface biomolecules offers a new avenue to classify 
various cell types/strains, monitor diverse cellular processes, study mechanisms of drug action, 
and reconstruct different growth conditions and cell states from a nanoscale and single cell 
perspective. Such nanoscale tools will further our understanding of fundamental biological 
processes, and lead to novel, robust methods for the analysis of individual cells.  
 
 
10.2 Challenges and Future Work 
 
10.2.1 Cells sample preparation for AFM imaging 
Challenge and solution:  
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To image cell samples in liquid using AFM, a primary challenge is to immobilize the cells on 
substrates firmly otherwise AFM tips may drag or move the cells during scanning. Initially, we 
tried different methods in literatures including gelatin and glutaraldehyde immobilization 
methods. Unfortunately, the gelatin method did not work well as none of the cells were 
immobilized (Figure 10.1). We demonstrated that glutaraldehyde functionalized substrate was 
able to immobilize the bacteria in liquid firmly. This method used the aldehyde group to 
crosslink the amine group on substrate and one side of the cell surface covalently. Thus, the other 
side of the cell surface was untouched by glutaraldehyde and then specific targets on this side 
such as carbohydrates could be detected by force mapping. This glutaraldehyde method is 
suitable for nanoscale imaging and force mapping of biomolecules on cell surfaces in liquid. 
 
Figure 10.1. AFM imaging E. coli cells on gelatin coated mica (a: height image. b: amplitude 
image). No cells can be observed. Scale bars: 10 μm. 
 
For real time study, a second challenge is in keeping the cells alive during and after 
immobilization. If the cells die, it is not possible to observe the cell response to external effectors 
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such as antimicrobial treatments in real time. Initially, glutaraldehyde immobilization was 
attempted for the real time study. Unfortunately, the cell did not change during the antimicrobial 
treatment, presumably because the cell had already died prior to the addition of the antimicrobial 
(Figure 10.2). A second immobilization method – poly-L-lysine was demonstrated to be a nice 
method to immobilize the cells and meanwhile, keep the cells alive. The results described in 
Chapter 6 and 7, using this method, show that the cell morphology change and surface 
hydrophobicity change could be observed in real time using AFM imaging and force mapping, 
implying that the cells are alive and active. It should be noted that because poly-L-lysine method 
uses electrostatic interaction rather than covalent bonding, the immobilization is not as firm as 
glutaraldehyde fixation. This results in movement of some cells during imaging (Figure 10.3). A 
good solution for this is to use a soft AFM tip, NT-MDT tip (spring constant, 0.6 N/m). 
Overall, depending on the goals, different methods can be used. The glutaraldehyde method can 
immobilize cells firmly and is proper for cell imaging and force mapping. Poly-L-lysine method 
can immobilize cells gently and keep cells alive, which is suitable for real time observation.  
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Figure 10.2. AFM amplitude images of E. coli cell on glutaraldehyde functionalized surface 
before (a, 0 h) and after (b, 3 h) adding antimicrobial polymer. There is no change can be 
observed, implying the cell death at 0 h. Scale bars: 1 μm. 
 
 
Figure 10.3. AFM imaging E. coli cells on poly-L-lysine coated mica (a: height image. b: 
amplitude image) scanned using stiff AFM tip. Scale bars: 1 μm. 
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Future work: The further development of the technique - temperature control  
In this work, real time AFM has been demonstrated to be a powerful technique to study 
antimicrobial mechanisms at the single cell level. The prerequisite of these real time experiments 
is that the cells need to be alive during the monitoring process. In order to observe the living 
cells and their active responses to different drugs or external effectors, the monitoring process 
usually could not exceed 5 hours since the cells can die due to the lack of temperature control. 
Therefore, controlling of the temperature of the AFM stage to provide a favorable cell growth 
condition will extend the capability of this technique to study long-term dynamic biological 
processes at the single cell level. More importantly, the cell immobilization step can be skipped, 
and the cells can be analyzed in culture media and container directly.  
 
10.2.2 AFM force mapping data collection and analysis 
Challenge and solution:  
A challenge in AFM force mapping is to collect reliable force curves. This is more difficult in a 
liquid environment or for a real time study, since thermal non-equilibrium in the system creates 
noise on force curves. Figure 10.4 shows significant vibration on both height and force map 
images of the cell, affecting the quality and accuracy of the force mapping. A good solution for 
this may be obtained by the following: a, leave the system at least 30 minutes for thermal 
equilibrium, after immersing the tip in liquid and changing buffer during real time study.  b, put 
the buffer or drug solution in the AFM containment to make sure they have similar temperature 
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as the buffer in fluid cell. To obtain reliable force curves, especially for detecting specific 
biomolecules on cell surfaces, it is important to decrease the non-specific interactions between 
AFM tips and cell surfaces. The use of mixed SAMs of OEG is efficient to control the bioprobe 
density on AFM tip and more importantly, decrease the non-specific protein absorption on AFM 
tip.  
 
 
Figure 10.4.  Vibration observed in both height (a) and force (b) map images of the cell because 
of thermal non- equilibrium. Scale bars: 0.5 μm. 
 
After data collection, a challenge is to accurately process the large number of force curves, and 
differentiate specific and nonspecific interactions, even though PEG-OH SAM can decrease the 
non-specific interactions. Here, two important points are needed to be considered when 
differentiating specific and nonspecific interactions: a, for specific interactions, there is an 
obvious slope change at the retraction curves. b, noting the expected interaction force and rupture 
199 
 
length values of the studied molecular interactions. (Typically, these values can be estimated 
from the literature). Based on the slope change, interaction force and rupture length, our lab 
developed software to analyze a large number of force curves and exclude non-specific force 
curves. Figure 10.5 shows the original and processed force map of carbohydrate on B. cereus 
cells. There is a rough consistency between the height map and original force map. However, 
there are still some non-specific interactions on the background (white area), comprising the 
quality and accuracy of the force map. By setting specific threshold values of interaction force 
and rupture length, most of non-specific interactions can be excluded. 
  
 
Figure 10.5. The height (a), original (b) and processed (c) force map of carbohydrate on B. 
cereus cells. 
 
Future work: 
AFM force mapping allows us to spatially detect specific biomolecules. The collection, 
differentiation and analysis of specific interactions have been discussed in last section. In future, 
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in order to detect biomolecules accurately and study cell surfaces extensively, new nanoscale 
techniques can be applied.  
 
I: Electrostatic force microscopy (EFM) for surface charge distribution: 
In this work, antimicrobial polymers and copper particles have been demonstrated to disturb the 
cell membrane and thus lead to the cell death. The hydrophobicity mapping provides an indirect 
evidence to show the damage of the cell membrane integrity. Cell membrane charge and its 
distribution provide a direct and important parameter relevant to cell health and state [284]. EFM 
has emerged as a powerful tool for imaging charge propagation at the nanoscale because it is 
very sensitive to local charges and can image charge distribution within a single molecule like 
proteins [334]. Therefore, the study of cell membrane charge distribution and its change induced 
by external effectors will be a strong enhancement to the AFM technique for single cell analysis. 
 
II: The combination of AFM with other ultra-sensitive surface techniques: 
In this work, AFM-based techniques were used to detect cell surface biomolecules. Surface-
enhanced Raman spectroscopy (SERS) can realize ultrasensitive levels of detection and non-
invasive tagging of specific bioanalytes in living cells and animals [335]. With the single-
molecule sensitivity and specificity, super-resolution fluorescence microscopy can localize single 
bio-molecules in 3D space and track their motion over time [336]. The cooperation of AFM with 
these ultra-sensitive surface techniques will expand the application of single cell analysis and 
address some more complicated cellular questions. 
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10.2.3 Single bacterial cell identification: building cell surface biomolecule database 
Challenge: 
In this work, the cell surface carbohydrates were detected using specific lection probes. It has 
been demonstrated that cell surface carbohydrate composition could be a potential tool for 
identification of Bacillus types and strains. However, carbohydrates are not necessarily stand-
alone biomarkers for all cell types. Suppose we have a single or few unknown cell(s), or a 
mixture of different types of cells,   analyzing carbohydrates is not sufficient for cell type 
identification. An interesting method will be the detection of more specific biomarker and figure 
out its presence and absence. For instance, F1 antigen is the biomarker which can only found on 
Y. pestis cell surface. And the F1 antigen antibody is commercially available bioprobe. However, 
the ability of this technique is limited to targets that can be directly probed by specific binding 
ligands. 
 
Future work: 
For each type of bacterium, various cell surface biomolecules (a subset of 3 or 4 for instance) can 
be characterized to form a cell surface biomolecule database. Each type of cell will have a 
characteristic “fingerprint” in this database. These cell surface biomolecules can include two 
kinds of carbohydrates (which have been well established in this work) and one or two kind(s) of 
cell type specific target(s). The two carbohydrates molar ratio can narrow down the range of cell 
types, and then the detection of specific target will be the additional step to determine the cell 
type. This database will facilitate the single cell identification.  
202 
 
10.2.4 Evaluating and screening antimicrobial polycation using antimicrobial polycation 
functionalized probe  
Challenge: 
In this work, the antimicrobial polymer has been demonstrated to kill the cell via electrostatic 
absorption on the cell membrane, leading to the damage of the cell membrane. The cell surface 
hydrophobicity change provides an indirect evidence to show the damage of the cell membrane 
integrity. However, if we have several polycation candidates with similar chemical structure, it is 
difficult to evaluate or pick the best (or most efficient) polycation using cell morphology and 
hydrophobicity change.  
 
Future work: 
Follow-up work can focus on the use antimicrobial polycations as the probe directly. By 
functionalizing the AFM tip with different antimicrobial polycations, the interaction parameters 
of polycations with cell membrane can be obtained and compared. The hypothesis is that the 
polycation with the high affinity will have better antimicrobial effect on cells. This method can 
provide direct biophysical evidence for drug screen. In addition, the other interaction parameter, 
rupture length, will give a clear idea of specific target of antimicrobial polycation on cell surface.  
 
10.2.5 Single mammalian cell analysis platform 
Most of work in this dissertation focused on single cell analysis of bacterial system. The next 
stage of the research can be the single mammalian cell analysis. Various physiological and 
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pathological processes in mammalian system are related to cell surface biomolecules. For 
example, cancer cell migration is along with the cell surface carbohydrates change [337]. Also, 
in tissue engineering, the early stage of cell adhesion is depending on the integrin density and 
distribution on cell surface [338]. Therefore, the application and development of the single cell 
analysis platform in mammalian system will illuminate more fundamental biological processes.  
 
10.2.6 Single cell biosensor 
In this work, force mapping on single cell could be conducted in real time and controllable 
micro-environments. This implies another potential application of this technique: single cell 
biosensor. The cell surface biomolecules provide the bio-active substrate and thus can detect 
specific targets in injected fluid using microfluidic exchanging systems. For instance, the antigen 
on cell surface can be mapped out by antibody functionalized AFM tip. The force signal will be 
quenched when antibody-contained fluid flushes into the micro-environment. The force map 
change can provide quantitative calculation of antibody concentration in fluid. Since this 
technique is based on single cell and molecular interaction, the detection limit will be low. 
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